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Introduction

1. Introduction

1.1 The marine carbon cycle

The marine realm covers 70% of the earth’s surface making the oceans the largest ecosystem
on earth (Das et al., 2007), which may contain over 80% of world’s plant and animal species
(McCarthy and Pomponi, 2004). The biological carbon pump of the oceans is crucially
determined by the interplay of the photosynthetic production of biomass and its heterotrophic
degradation. Marine and terrestrial ecosystems contribute almost equally to the amount of the
annual net primary production with 56.4 billion of tons contributed by terrestrial systems and
48.5 billion tons by oceans. However, only 0.2% of the total global primary producer biomass
is of marine origin (Field et al., 1998), due to a much faster turnover rate of oceanic (2 to 6
days) (Falkowski and Raven, 2007) over terrestrial (average 19 years) (Thompson and
Randerson, 1999) plant organic matter. Algal photosynthetic efficiency is reflected e.g. in a
higher rate of carbon dioxide fixation (Subhadra and Edwards, 2010; Taylor et al., 2001; Cohen
et al., 2006), making macro algae and phytoplankton essential for the biological carbon pump.
The produced organic matter is decomposed again, thus feeding nutrients back into the circle.
This is usually achieved by various algal-associated heterotrophic bacteria (Azam, 1998;
Teeling et al., 2012). These bacteria digest dissolved organic matter (DOM) produced from
particulate organic matter (POM) by solubilizing enzymes. Thus, the interplay of DOM and
POM conversion is crucial for the understanding of the marine carbon cycle (Hedges, 1991,
Azam, 1998; He et al., 2016).

1.1.1 Algal blooms

Algae are a class of aquatic photosynthetic organisms (Rai et al., 1999). Their growth is mainly
dependent on the availability of nutrients. Especially, nitrate and phosphate were identified as
limiting to the proliferation of phytoplankton (Schindler, 1974; Sommer, 1989; Elser et al., 1990;
Sterner, 1994; Huisman and Hulot, 2005), but also iron was reported as a limiting nutrient
(Martin and Fitzwater, 1988; De Baar et al., 1995; Behrenfeld et al., 1996; Huisman and Hulot,
2005). Under adequate supply of nutrients and an increased temperature an exponential
proliferation of algae, known as 'algal bloom', can occur. These blooms are intensified by
nutrient pollution caused by input of sewage treatment plants and agricultural activities
(Howarth et al., 2002) leading to devastating environmental effects. Macroalgae of the genus
Sargassum (Phaeophyta) cause so called 'Golden tides' in the atlantic ocean, mainly observed
in the Carribean Sea. In an extreme case, an 8,850 km long algae belt, which contained more
than 20 million tons of Sargassum biomass, covered the sea from West Africa to the Gulf of
Mexico (Wang et al., 2019). Besides those 'Golden tides', massive blooms of the 'Green tide'
formed by the green macroalgae from the genus Ulva (Chlorophyta) cause worldwide

problems. Decay of algal biomass under oxygen consumption in deep water layers causes
1
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hypoxia and so called 'dead zones' which hampers a survival of aerobic organisms (Boesch,
2008). In addition, they raise especially problems in coastal areas, for tourism as well as human
and animal health as the decay of the accumulated beached algae leads to the production of
toxic gases. Furthermore, the disposal of this algal waste is very time and cost intensive
(Charlier et al., 2008; Smetacek et al., 2013). Besides these macroalgae also microalgae like
cyanobacteria, dinoflagellates, diatoms, haptophytes or raphidohytes can grow into harmful
algal blooms (Hallegraef, 2010). Apart from these negative aspects algae can also be used in
beneficial ways as a major component of this algal biomass are polysaccharides which can
represent more than 50% of the algal dry weight (Lahaye, 1995; Murata et al., 2001; Kraan,
2012). These polysaccharides are a worthwhile source of bioactive substances and rare
sugars (Kidgell et al., 2019; Reisky et al., 2019). Some algae can be used to produce hydrogen
and biodiesel as sustainable biofuels (Rai et al., 1999) or for the production of energy, industrial
chemicals and pharmaceuticals (Sawayama et al., 1999; Becker, 1994; Olaizola, 2003; Sahoo
et al., 2012).

1.1.2 The marine carbohydrates ulvan and xylan

Carbohydrates are biopolymers composed of monosaccharides. These polymers can have a
broad range of shapes and functions. Many organisms use them as intracellular energy
storage compounds as well as structural cell wall components (Kloareg and Quatrano, 1988)
or secrete them as extracellular polymeric substances (EPS) with various functions (Hoagland
et al., 1993). Polysaccharides contain cyclic neutral sugars and sugar acids which are linked
via a- or B-glycosidic bonds. The sugars can be sulfated, methylated or acetylated at the
hydroxy groups (Kappelmann et al., 2019). In marine habitats, sulfation is an especially
common modification of polysaccharides and is suggested to be an adaptation to the sulfate
rich sea-water (Aquino et al., 2005; Olsen et al., 2016; Helbert, 2017). Due to the anionic
properties of marine polysaccharides, especially through sulfation, algae presumably are
resistant to desiccation (Ficko-Blean et al., 2015), osmotic stress (Deniaud-Bouét et al., 2014)
and heavy metal toxicity (Andrade et al., 2010) as well as extreme temperature and pH values
(Ucko et al., 1989). Depending on the kind of algae, different polysaccharides are known to be
produced. Red algae mainly produce sulfated galactans in general devided into agarans and
carrageenans. While ulvan is the mainly produced polysaccharide in green algae, brown algae
are known for the production of fucans (Jiao et al., 2011). However, far less is known about

the polysaccharides produced by microalgae.

Ulvan is the major cell wall polysaccharide of the “green tide” caused by macroalgae of the
order Ulvales (Chlorophyta), which is branched, highly sulfated and water-soluble. It can
represent up to 30% of the algal dry weight and its extraction is usually achieved in an aqueous

solution with addition of a divalent cation chelator like oxalate at 80 — 90 °C (Lahaye and Robic,
2
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2007). The major disaccharide repeating units were reported to be ulvanobiouronic acid A (8-
D-glucuronic acid (GIcA) 1,4-a-L-rhamnose-3-sulfate (Rha3S)), ulvanobiouronic acid B (a-L-
iduronic acid (IdoA) 1,4-a-L-rhamnose-3-sulfate), ulvanobiose-3-sulfate (8-D-xylose (Xyl) 1,4-
a-L-rhamnose-3-sulfate) and ulvanobiose-2’,3-disulfate (8-D-xylose-2-sulfate (Xyl2S) 1,4-a-L-
rhamnose-3-sulfate). A modification of Rha3S by B-1,2-linked GIcA side chains and the
appearance of consecutive GIcA residues were described as well (Lahaye and Robic, 2007)
(Figure 1a). Ulvan was reported to exhibit several biological effects (Chiellini and Morelli,
2011), like antioxidant (Qi et al., 2005), anticoagulant (Zhang et al., 2008), immunomodulating
(Leiro et al., 2007) and antihyperlipidemic (Pengzhang et al., 2003) activities.

Al ldoA Rha3S /m/ e
H3c
035

So0c Glcg Rha3$ 0
a s e . @\7
HO
H3C
(@) OH
2 OH
038 0]
e GlcA

Figure 1: Structures of the polysaccharides ulvan (a) and xylan (b,c). Ulvan mainly consists of 3-D-
glucuronic acid (GIcA), a-L-iduronic acid (IdoA), a-L-rhamnose-3-sulfate (Rha3S) and B-D-xylose (Xyl).
Xylose can be sulfated at O2 (not shown). Glucuronic acid side chains can exist at O2 of rhamnose.
The monosaccharides of ulvan are linked via 1,4-glycosidic bonds. The backbone of xylan consists of
B-D-xylose. In terrestrial plants and some algae the xylose residues are linked via 1,4-glycosidic bonds
and side chains of 4-O-methyl-a-D-glucuronic acid (MeGIcA) and a-L-arabinofuranose (Araf) (b). In
Palmaria palmata a 3-1,3:1,4-linked xylan was described (c). The 1,3-glycosidic bond is highlighted in
red.

Xylan is the most abundant hemicellulose. Marine xylan can be found in the cell wall of green
algae (Chlorophyta/ Charophyta) and red algae (Rhodophyta). Its backbone is composed of 3-
1,4- or 3-1,3-linked D-xylopyranose depending on the algal species and source. Substituted [3-
1,4-xylan was found in species of charophyte green algae (Jensen et al., 2018; Hsieh et al.,
2019) (Figure 1b). In chlorophyte green algae B-1,3-xylan is part of the cell wall (Mackie and
Percival, 1959; Lahaye et al., 2003) and is reported to form triple helices microfibrills. In red
algae there are 3-1,3-linked xylans (Percival and Chanda, 1950; Turvey and Williams, 1970;
Cerezo, 1972) and 3-1,3:1,4-linked xylans, in which one 3-1,3-linkage follows four 1,4-linkages

3
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(Deniaud et al., 2003, Lahaye et al., 2003) (Figure 1c). The backbone can be decorated by
several side chains like L-arabinose and 4-O-methyl-D-glucuronic acid. Furthermore, marine
xylans can be sulfated or phosphorylated (Deniaud et al., 2003). The structural properties and
degrading enzymes of terrestrial xylan were reviewed in detail more than 20 years ago
(Bastawde, 1992). A recent review summarizes the structure and synthesis of xylans from
green and red algae in particular (Hsieh et al., 2019).

1.1.3 Marine polysaccharide utilization

The decomposition of algal polysaccharides in marine ecosystems is realized by various
microorganisms with highly adapted catabolic systems. It was shown that algal phytoplankton
blooms are accompanied by a dynamic succession of different bacterial taxa specialized in the
degradation of distinct subsets of marine polysaccharides which are their major energy source.
The produced algal biomass is thereby decomposed again and provides nutrients for the
carbon cyle. Especially bacteria from the phyla Bacteroidetes, Alphaproteobacteria and
Gammaproteobacteria were found to be highly abundant in these bacterioplankton blooms
(Teeling et al., 2012; Teeling et al., 2016; Kriger et al., 2019). These bacteria have a distinct
set of genes, which encode for proteins that enable the binding, uptake and degradation of
polysaccharides. These genes are often clustured in so-called ‘polysaccharide utilization loci’
(PULSs) (Sonnenburg et al., 2010; Thomas et al., 2011; Terrapon et al., 2015). The first PUL
that was described is the starch utilization locus from the human gut bacterium Bacteroides
thetaiotaomicron (Anderson and Salyers, 1989). In the presence of the target polysaccharide,
the PUL genes are upregulated to produce the proteins participating in the degradation process
in several consecutive steps. In a first step, the target carbohydrate is typically bound to the
cell surface and cleaved by extracellular endo-acting carbohydrate-active enzymes
(CAZymes). The produced oligosaccharides are passed on to an outermembrane protein
complex, including a SusD-like extracellular lipoprotein and an integral membrane SusC-like
TonB-dependent transporter (TBDT), for their uptake into the periplasm. Without substrate the
SusD is mobile forming an open state of the SusCD-complex until a ligand binds in a solvent-
excluded cavity at the SusCD interface. The SusD-protein acts like a lid on top of the SusC-
transporter forming the closed conformation, which is stabilized by ligand interaction with both
SusC and SusD. For the transport into the periplasm a TonB-protein binds at the TonB box of
the transporter SusC, which induces a conformational change by which the oligosaccharide is
released into the periplasm, where a further degradation by several CAZymes occurs
(Glenwright et al., 2017; Kappelmann et al., 2019). Distinct ABC-transporters then mediate the

uptake of monosaccharides into the cytoplasm (Schneider, 2001).

To investigate which PULs target which polysaccharide, 53 genomes of Flavobacteriia —

isolated from the North Sea — were sequenced harbouring more than 400 PULs for PUL-target-
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analyses (Kappelmann et al., 2019). In these analyses SusCD-like protein-encoding genes
were highly abundant. Substrate-specific clusters could be revealed using trees of these
SusCD-like proteins, making them a biomarker for the identification of highly relevant PUL
structures (Kappelmann et al., 2019). Based on these analyses, it is possible to deduce
suitable model strains for the investigation of distinct polysaccharides and predict genes
encoding for proteins involved in the utilization of the target carbohydrate.

One isolate from the green alga Acrosiphonia sonderi is Formosa agariphila KMM 39017, which
represents such a model strain. In its genome at least 13 distinct PULs could be identified.
CAZymes for the degradation of the polysaccharides agar/agarose, alginate, arabinan,
fucosides/fucoidan, a-glucans (e.qg., starch), laminarin, mannan, polygalacturonans, porphyran
and xylan were predicted (Mann et al., 2013). Other interesting members of the Flavobacteriia
with a large set of PULs are Muricauda sp. MAR_2010_75 and Flavimarina sp. Hel_|_48, which
were isolated from the North Sea close to the islands Helgoland and Sylt (Kappelmann et al.,
2019).

1.2 Carbohydrate-active enzymes

The ability to compose and decompose polysaccharides is crucial for the global carbon cycle.
To use them as energy source, heterotrophic organisms require a suitable set of CAZymes in
order to degrade them to monosaccharides, which can be further converted through the central
sugar metabolism. The CAZy database (www.CAZy.org; Cantarel et al., 2009; Lombard et al.,
2014) lists CAZymes grouped by their enzyme class and genetic relationship. This presently
includes 159 classes of glycoside hydrolases (GHs), 107 classes of glycosyl transferases
(GTs), 39 classes of polysaccharide lyases (PLs), 17 classes of carbohydrate esterases (CES)
and 16 classes of enzymes with auxiliary activity (AAs). Glycosyl transferases catalyse the
formation of glycosidic bonds from activated building blocks (Coutinho et al., 2003). This is an
important reaction in the formation of polysaccharides. The depolymerization of carbohydrates
on the other hand, is achieved by different enzymes with various functions. There are endo-
active CAZymes which cleave within the polysaccharide chain and exo-active which remove
single monosaccharides from the ends. Glycoside hydrolases are the most diverse family of
CAZymes. They catalyse the hydrolysis of glycosidic bonds (Davies and Henrissat, 1995). In
polysaccharides that contain uronic acid residues, like alginate or ulvan, polysaccharide lyases
catalyse the non-hydrolytic cleavage of the chain at an uronic acid residue via a -elimination
mechanism (Garron and Cygler, 2010). Several side groups increase the resistance against
main chain-cleaving enzymes. Beside further GHs, that cleave off various monosaccharide
side chains, other enzymes are required for the deprotection of the polysaccharide main chain.
Polysaccharide sulfatases remove sulfate ester groups (Helbert, 2017) while carbohydrate

esterases catalyse the cleavage of O- and N-acetyl groups from carbohydrates (Davies et al.,
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2005). In contrast to the CEs the sulfatases are not implemented in the CAZy database but
are listed in the SulfAtlas database instead (Barbeyron et al., 2016). The class of ‘auxiliary
activities® includes redox enzymes that act in conjunction with other CAZymes (Levasseur et
al., 2013). This includes lytic polysaccharide monooxygenases (LPMOs) and the families of
lignin degradation enzymes. Presently there are nine families of ligninolytic enzymes and six
families of LPMOs in the CAZy database. Not implemented is the new family of P450
monooxygenases which were recently shown by our group to represent a new class of
carbohydrate-active monooxygenases as they catalyse the oxidative demethylation of 6-O-
methyl-p-galactose (Reisky et al., 2018a) (Figure 2).

[ endolytic glycoside hydrolase ]

polysaccharide lyase o

polysacchande sulfatase ]

exolytic glycoside hydrolase ]

HO OH OH

[ carbohydrate esterase ]

6C!O o]

HO
OMe

[ P450 monooxygenase ]

Figure 2: Cleavage sites of general CAZyme classes. Shown is an artificial random polysaccharide
structure. The cleavage positions are highlighted with blue arrows. Polysaccharide lyases cleave at
uronic acid residues in this case a-L-iduronic acid. Glycoside hydrolases cleave glycosidic bonds in this
case at B-D-xylose. Endolytic GHs cleave in the middle of the chain, while exolytic GHs cleave terminal
residues, in this case at the non-reducing end. Esterases and sulfatases cleave off side group acetate
and sulfate. P450 monooxygenases were demonstrated to demethylate the side chain of 6-O-methyl-3-
D-galactose. In this case 4-O-methyl-B-D-glucuronic acid is shown which is reported to occur in xylans
and potentially is also demethylated by an unknown P450 enzyme.

1.2.1 Glycoside hydrolases

Glycoside hydrolases (EC 3.2.1.-) are the most diverse CAZyme class with 159 classes in the
CAZy database (166, therefrom 7 deleted or reassigned) and participate in the degradation of
nearly every carbohydrate. GHs most often exhibit high substrate specificity. Combined with
the great variability of carbohydrate substrates in nature, this explains the huge occurence of
different GHs. The first crystal structures of GHs were solved for lysozymes (Blake et al., 1965;
Matthews and Remington, 1974). The catalytic residues could be identified to be aspartate and
glutamate, which were performing the catalysis for most of the studied GHs, but in some GHs
like viral neuraminidases or bacterial sialidases a tyrosine was observed to stabilize the
transition state (Hart, 1961; Dickerson and Weinzierl, 1967; Watson et al., 2003; Morley et al.,
20009).
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In general, GHs can be categorized in two classes concerning their hydrolysis mechanism:
they cleave glycosidic bonds either under retention or inversion of the configuration at the
anomeric carbon atom (Koshland, 1953). Both reactions occur under assistance of carboxylic
acid residues from active site aspartate or glutamate side chains (McCarter and Withers,
1994). Hydrolysis under inversion occurs via a one step single-displacement mechanism. Here
one amino acid residue acts as a general base, the other as a general acid. A water molecule
performs a nucleophilic backside attack targeting the anomeric carbon atom of the substrate
resulting in an oxocarbenium ion-like transition state. The glycosidic bond is broken
simultaneously with the nucleophilic attack while the leaving group is protonated by the general
acid. In contrast the hydrolysis under retention of the anomeric configuration occurs via a two-
step double-displacement mechanism. Both reaction steps undergo an oxocarbenium ion-like
transition state. Here, one amino acid residue acts as general base and general acid, the other
as nucleophile and leaving group. The nucleophile residue attacks the anomeric carbon atom
instead of water. The glycosidic oxygen atom is protonated by the general acid and the
glycosidic bond is broken. This leads to the formation of a glycosyl-enzyme intermediate. This
intermediate is hydrolyzed by a water molecule under the release of the product (Koshland,
1953; McCarter and Withers, 1994) (Figure 3).
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Figure 3: Reaction mechanism of inverting (a) and retaining (b) glycoside hydrolases. The
mechanism was modified after Koshland respectively McCarthy and Withers (Koshland et al., 1953;
McCarthy and Withers, 1994). For simplification, only the functional amino acid side chains are shown
(red). In both mechanisms the general acid provides a proton to cleave the glycosidic bond. In the
inverting mechanism this step is directly followed by the nucleophilic attack of an activated water
molecule (blue), which leads to the hydrolysis of the glycosidic bond. In the retaining mechanism the
nucleophile is the second catalytic amino acid residue that forms a glycosyl-enzyme intermediate before
hydrolysis by the activated water molecule occurs.
7



Introduction

The classic mechanism via inversion or retention is common for GHs but a few also evolved
alternative ways of hydrolysing glycosidic bonds. Unsaturated glucuronyl hydrolases of the
families GH88 and GH105 hydrolyse the unsaturated hexenuronic acid residue, which is
created in the degradation process of PLs at the non-reducing end (Jongkees and Withers,
2011). An amino acid residue protonates the C4 of the substrate and deprotonates a water
molecule which then attacks the C5 of the substrate leading to the formation of an unstable
hemiketal. In a spontaneous ring-opening reaction the glycosidic bond is cleaved and an
a-keto-acid is released (Itoh et al., 2006a; Jongkees and Withers, 2011) (Figure 4). Several
crystal structures of GH88 and GH105 members were solved revealing aspartates as the
catalytic residues confirming the mechanism (Itoh et al., 2004; Itoh et al., 2006b; Itoh et al.,
2006c¢; Itoh et al., 2006d; Maruyama et al., 2009; Nakamichi et al., 2011).
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Figure 4: Reaction mechanism of unsaturated glycoronyl hydrolases of family GH88 and GH105.
The mechanism was modified after Jongkees and Withers (Jongkees and Withers, 2011). The
mechanism shows the non-reducing end of an ulvan-lyase treated ulvan polysaccharide chain with the
unsaturated hexenuronic acid p-1,4-linked to rhamnose-3-sulfate. For simplification, only the functional
amino acid side chain is shown (red). The C4 carbon atom of the hexenuronic acid is protonated by the
catalytic amino acid. After addition of an activated water molecule (blue) at the C5 a spontaneous ring-
opening reaction leads to the formation of the a-keto acid under cleavage of the glycosidic bond.

In some of the GHs which hydrolyse glycosidic linkages of substrates with an N-acetyl or N-
glycosyl group under retention the catalytic nucleophile is missing. It could be shown that the
carbonyl oxygen atom from the acetamido group at C2 is involved in an intermolecular
stabilization of the positive charge at the anomeric carbon atom of the transition state resulting
in the formation of a cyclic oxazolinium intermediate which then is hydrolysed by water
(Terwisscha van Scheltinga et al., 1995; Knapp et al., 1996; Mark et al., 2000; Vocadlo and
Withers, 2005). The GH1 myrosinase hydrolyses plant anionic 1-thio-B-D-glucosides. The
carboxylic residue fulfilling the function of the general base is replaced by a glutamine residue.
Its function as general base is undertaken by the co-enzyme L-ascorbate (Burmeister et al.,
2000). Additionally, GHs from the families GH4 and GH109 are known to hydrolyse glycosidic
bonds under assistance of NAD* via oxidation and elimination steps (Yip et al., 2004; Rajan et
al., 2004; Jongkees and Withers, 2014).



Introduction

1.2.2 Glycosyltransferases

Glycosyltransferases (EC 2.4.1.-) catalyse the formation of glycosidic bonds using activated
sugar donors, mostly in form of nucleoside diphosphate sugars (Coutinho et al., 2003). As this
is the basis of the biosynthesis of every polysaccharide, GTs are of great importance for the
global carbon cyle (Campbell et al., 1997). Presently, there are 107 classes of GTs described
in the CAZy database (110, therefrom 3 deleted or reassigned). As first GT crystal structure a
DNA B-glycosyltransferase was solved (Vrielink et al., 1994). Like the GHs, GTs can be
classified as inverting or retaining enzymes. The inversion mechanism resembles that of GHs
as it is a one-step displacement Sy2 reaction via an oxo-carbenium ion-like transition state.
The acceptor nucleophile is deprotonated by a base catalytic residue, usually aspartate or
glutamate (Campbell et al., 1997), leading to the displacement of the phosphate leaving group.
The general retention mechanism for GTs mimics those of GHs as well by being a two-step
displacement mechanism with a covalently bound glycosyl-enzyme intermediate. However,
some data indicate an alternative Syi-like mechanism with an oxocarbenium ion-like transition
state (Lee et al., 2011). Retaining GT catalysis can also occur via alternative GH-like
mechanisms. Thus, the use of an internal nucleophile or the NAD*-dependent oxidation-

elimination mechanism exists for GTs as well (Lairson et al., 2008).

1.2.3 Polysaccharide lyases

Currently, 39 families of polysaccharide lyases (EC 4.2.2.-) are present in the CAZy database
(40, therefrom 1 deleted or reassigned) (Lombard et al., 2010). They complement the GHs in
the decomposition of polysaccharides (Yip and Withers, 2004). First crystal structures of PL1
family enzymes were solved for pectate lyases (Yoder et al., 1993; Lietzke et al., 1994).

In contrast to GHs, PLs cleave glycosidic bonds without addition of water via a syn or anti E1cb
B-elimination mechanism, depending on the relative positioning of the C5 proton and the
glycosidic oxygen atom to one another. They require a carboxylate at the C6 of the substrate
saccharide for their cleavage, what makes them specific for uronic acid-containing
polysaccharides like alginate, pectin or ulvan. Carbohydrate-binding modules (CBM) can
facilitate the substrate recognition (Lombard et al., 2010). Bivalent metal ion cofactors, like
Ca?*, or positively charged amino acid residues, like arginine, can stabilize the C5 carboxy
group after substrate binding, thereby increasing the C-H acidity of the C5 proton which is
abstracted by a basic amino acid residue during the catalysis. The arising negative charge is
stabilized via delocalization into the carboxy group leading to the formation of an enolate
intermediate. This is followed by the lytic cleavage of the C4-O bond under protonation of the
glycosidic oxygen atom by an acidic amino acid residue. As a result, a 4,5-unsaturated
hexenuronic acid residue is formed at the new non-reducing end (Gacesa, 1987; Yip et al.,

2006) (Figure 5). In ulvan lyases, the catalytic residues were reported to be tyrosine, histidine
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or lysine depending on the family (Ulaganathan et al.,, 2017; Ulaganathan et al., 2018a;
Ulaganathan et al., 2018Db).
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Figure 5: Reaction mechanism of polysaccharide lyases. The mechanism was modified after
Ulaganathan (Ulaganathan et al., 2017) and shows the reaction at the example of an ulvan lyase in the
chain of ulvan between a-L-rhamnose-3-sulfate and B-D-glucuronic acid. For simplification, only the
functional amino acid side chains are shown (red). The C5 proton (blue) is abstracted by a tyrosine
residue while an arginine residue stabilizes the oxyanion intermediate. With support of a histidine
residue, which protonates the glycosidic oxygen atom, the glycon is eliminated under formation of the
characteristic 4,5-unsaturated hexenuronic acid.

There are some known PLs which cleave non-acidic polysaccharides like the a-glucan lyase.
In these enzymes an aspartate residue compensates for the lack of the essential carboxylic
acid substrate. A nucleophilic attack of the aspartate at the C1 sugar atom under cleavage of
the glycosidic bond results in the formation of a glycosyl-enzyme intermediate which enables
the following B-elimination. The proton at C2 is abstracted by a basic amino acid residue which
initializes the elimination of the aspartate leaving group under formation of 1,5-anhydro-D-
fructose (Lee et al., 2002).

Dehydratases are lyases that eliminate water from a substrate. Sugar-active dehydratases are
common in the central sugar metabolism as part of anabolic or catabolic pathways of
monosaccharides (Elsafei 1989; Lamble 2004; Kuorelahti et al.; 2006; Holden et al., 2010).
Most of them are NAD(P)*-depending enzymes (Allard et al., 2004; Fruscione et al., 2007; Li
et al., 2015), but there are also reports of dehydratases using an iron-sulfur cluster (Andberg
etal., 2016; Rahman et al., 2017) or a vitamin Bs cofactor (Cook et al., 2006; Cook and Holden,
2007; Holden et al., 2010). In NAD(P)*-dependent dehydratases the mechanism for the
production of desoxysugars can be divided in three steps: an oxidation, a dehydration and a
reduction. In contrast to the polysaccharide lyases the elimination occurs at a side chain, not
the sugar-ring (Somoza et al., 1999; Allard et al., 2002). Until now there are no reports of
dehydratases that are involved in the degradation of poly- or oligosaccharides. Recently, a
new class of cofactor-independent dehydratases, which are able to release water from an
ulvan disaccharide was discovered, thereby enabling a further degradation by other CAZymes

(Baumgen et al., in preparation; chapter 3.2.5)
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1.2.4 Polysaccharide sulfatases

In contrast to terrestrial carbohydrates, marine polysaccharides are known to be often highly
sulfated. This is expected to be an adaptation to the sulfate rich sea-water habitats (Aquino et
al., 2005; Olsen et al., 2016; Helbert, 2017). For a complete depolymerization, a removal of
any side chains and protective groups from the particular polysaccharide is necessary. The
cleavage of sulfate ester bonds requires a set of specialized sulfatases (EC 3.1.5.6). They can
be divided into four different families of which the first one comprises 73 subfamilies as
specified in the SulfAtlas database (Barbeyron et al., 2016). Sulfatases of type | require a
formylglycine (fGly) as catalytic residue which is generated via post-translational modification
by a formylglycine-generating enzyme (FGE) — also known as sulfatase-modifying factor 1
(SUMF1). The FGE hereby oxidizes a cysteine or serine residue at the beginning of the highly
conserved consensus sequence C/S-X-P-X-R (Cosma et al.,, 2003; Dierks et al., 2003;
Sardiello et al., 2005; Bojarova and Williams, 2008; Helbert, 2017). In anaerobic bacteria, the
function of FGE is performed by anaerobic sulfatase-maturing enzymes (anSME) (Berteau et
al. 2006). Bivalent cations, mostly Ca?* but also Mg?*, stabilize and polarize the substrate in
the active site (Appel and Bertozzi, 2015). Two mechanisms for the desulfation by type |
sulfatases were suggested. The first one being an addition-hydrolysis-mechanism starting with
an addition of the sulfate group to the carbonyl carbon atom of the formylglycine. The formed
sulfate diester intermediate is then hydrolysed by a water molecule (Lukatela et al., 1998). The
second suggested mechanism is a transesterification-elimination mechanism. The crucial
difference compared to the first one is that in advance the formylglycine residue has to be
hydrated to a diol. The first geminal hydroxy group then nucleophilically attacks the sulfate
under cleavage of the substrate sulfate ester bond forming a sulfated formylglycine
intermediate. The second geminal hydroxygroup subsequently eliminates the sulfate, resulting
in the free aldehyde, which has to be regenerated again via hydration (Bond et al., 1997; Boltes
et al., 2001; Hanson et al., 2004; Helbert, 2017) (Figure 6). By a mutation of the FGE substrate
cysteine to a serine an oxidation to fGly was prevented. Still, the first step of the reaction, the
cleavage of the sulfate ester bond and the formation of the sulfated serin intermediate was
occuring, but due to the lack of a second hydroxygroup the elimination of the sulfate was
impossible. This supports the hypothesis of the transesterification-elimination mechanism
(Recksiek et al., 1998; Hanson et al., 2004, Appel et al., 2015).

11
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Figure 6: Reaction mechanism of formylglycine-depending type | sulfatases. The mechanism was
modified after Boltes and Appel (Boltes et al., 2001; Appel et al., 2015). For simplification only the
functional amino acid side chains are shown (red). A geminal hydroxy group of the catalytic formylglycine
attacks the substrate sulfate group with help of an aspartate and histidine under the cleavage of the
sulfate ester bond. The sulfate is eliminated by the second formylglycine hydroxy group with help of a
second histidine residue from the generated sulfate-enzyme intermediate. The diol form of formylglycine
is regenerated by hydration with a water molecule (blue).

Sulfatases of type Il belong to the non-heme Fe(ll) a-ketoglutarate-dependent dioxygenase
superfamily. They cleave alkyl sulfate esters under oxygen consumption. The cosubstrate a-
ketoglutarate is decarboxylated to succinate while the oxidative removal of the sulfate leads to
the formation of an aldehyde (Mdller et al., 2004). Type Il sulfatases are Zn?*-dependent alkyl
sulfatases that belong to the metallo-B-lactamase fold family. The binuclear zink core activates
a water molecule which thereby is enabled to hydrolyse the sulfate ester bond in a nucleophilic
substitution (Hagelueken et al., 2006). Two other enzymes are part of the type IV sulfatases.
The first one is a sulfatase which releases sulfate from the b-galactose-4-sulfate building block
in 1-carrageenan (Genicot et al., 2014), the other is the galactose-6-sulfurylase which releases

3:6-anhydro-L-galactose from L-galactose 6-sulfate in porphyran (Rees, 1961a; Rees, 1961b).

1.2.5 Carbohydrate esterases

Carbohydrate esterases (also including carbohydrate amidases) catalyse the hydrolytic
cleavage of O- and N-acylations in carbohydrates. They can be differentiated in enzymes
cleaving bonds in which the sugar plays the role of the alcohol and those where it plays the
role of the acid (Biely, 2012). CEs are currently classified into 17 families in the CAZy database.
They mainly play an important role in the conversion terrestrial plant biomass like
lignocellulose. They usually are known to have low substrate specificity (Davies et al., 2005)
as the same acid can form esters with different sugars and non-sugar alcohols. Even the
hydrolysis of an ester and amide with the same acid by the same CE was reported (Biely,
2012).
12
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Two reaction mechanisms were described. The most prominent one involves a catalytic triad
(Ser-His-Asp) like it appears in lipases, carboxylesterases and serine proteases. In the first
step, the catalytic serine attacks the substrate carbonyl carbon atom as a nucleophile leading
to an unstable tetrahedral intermediate. The deacylated sugar is displaced leading to an acyl-
enzyme intermediate then cleaved by protonation from the histidine which formerly
deprotonated the serine residue in order to initialize the nucleophilic attack (Biely, 2012). There
are some esterases which are dependent on bivalent metal ions like Zn?. The cation
coordinates and polarizes a water molecule which is deprotonated by a basic amino acid
residue. It now undertakes the function as nucleophile analog to the serine in serine-type
esterases but in contrast no formation of a covalently bound acyl-enzyme intermediate occurs

during this mechanism (Whittington et al., 2003; Coggins et al., 2003).

1.2.6 Auxilliary activities

The AAs have recently been added to the CAZy database with currently 16 families containing
redox enzymes for lignin degradation like laccases and peroxidases as well as Iytic
polysaccharide monooxygenases (LPMOs). Many enzymes from this class only contribute
indirectly to the polysaccharide degradation by breaking down lignin (Levasseur et al., 2008).
The copper-dependent LPMOs cleave glycosidic bonds oxidatively via a monooxygenation
step (Borisova et al.,, 2015). While ligninolytic enzymes do not directly participate in the
degradation of carbohydrates, LPMOs and P450s are involved in the oxidative decomposition
of saccharides. LPMOs cleave glycosidic bonds in a monooxygenase reaction by incorporating
one atom of molecular oxygen into the C1 or C4 C-H-bond leading to an unstable hemiketal
intermediate. The glycosidic oxygen atom accepts the proton from the new hydroxy group at
the oxidized C-atom and is thereby eliminated under formation of aldonolactons at the reducing
end, if C1 was oxidized, or 4-ketoaldoles at the not-reducing end, if C4 was oxidized. The
remaining oxygen atom is reduced to water (Beeson et al., 2015). Recently it was discovered
that P450 monooxygenases (P450s) are also involved in the marine polysaccharide
degradation (Reisky et al., 2018a). However, they are not yet implemented in the CAZy
database. These P450 monooxygenases demethylate 6-O-methyl-D-galactose, a
monosaccharide contained in the red algal polysaccharide porphyrane. P450s are heme-
dependent enzymes that insert oxygen into a non-activated C-H bond by generating reactive
radical oxygen species which abstracts a hydrogen atom from the substrate in a radicalic
reaction. The produced iron-bound hydroxy group reacts with the formed carbon substrate
radical that theyby is hydroxylated unter release of the substrate from the enzyme (Hamdane
et al., 2008).
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1.2.7 Multimodular CAZymes

CAZymes can not only have one domain but consist of two or more modules which provide
synergistic effects for the more efficient degradation of the respective polysaccharide. A very
typical combination for multimodular CAZymes is the existence of a catalytic domain with one
or several CBMs. In metagenomic analyses, an open reading frame (ORF) was found that
even consisted of seven modules (Montella et al., 2017). Especially endolytic GHs or PLs that
initiate the extracellular polysaccharide decomposition often exhibit one or several CBMs to
facilitate the binding of the carbohydrate fiber (Boraston et al., 2004). In Bacteroidetes these
extracellular enzymes often contain a translocation signal for the secreation via the T9
secretion system (T9SS) (de Diego et al., 2016). Beside these combinations of catalytic
domains with non-catalytic domains there are also many CAZymes containing two catalytic
domains simultaneously. These often are two GH domains combined with one or more CBMs,
but combinations of GHs and CEs or sulfatases exist as well (Naas et al., 2018; Helbert, 2017).
These multimodular CAZymes are expected to be special adaptations for an enhanced
catalytic efficiency. Thus, a multimodular cellulase, containing a GH9 and GH48 catalytical
domain combined with three type Il CBMs, was described which outperformed an enzyme
mixture containing several commercial endoglucanases (Brunecky et al., 2013). In Nonlabens
ulvanivorans and F. agariphila the same combination of type | sulfatase and GH78
rhamnosidase was reported (Helbert, 2017; Salinas et al., 2017), indicating that this might be
an adaptation for the efficient degradation of rhamnose-sulfate-containing polysaccharides like
ulvan. A combination of a sulfatase and a GH10 xylosidase was found in Flammeovirga sp.,

indicating an adaptation for efficient xylan degradation (Helbert et al., 2017).

1.2.8 Ulvan- and xylan-active enzymes

The first enzymatic decomposition of ulvan by a marine bacterium was reported more than
twenty years ago when the first ulvan lyase (EC 4.2.2.-) was discovered (Lahaye et al., 1997).
Several other ulvan lyases of the families PL24, PL25, PL28 and PL40 were described in
various Bacteroidetes and Proteobacteria (Nyvall Collén et al., 2011; Kopel et al., 2016; Foran
et al., 2017; Melcher et al., 2017; He et al., 2017; Ulaganathan et al., 2017; Ulaganathan et al.,
2018a; Ulaganathan et al., 2018b; Qin et al., 2018; Konasani et al., 2018; Reisky et al., 2018b;
Reisky et al., 2019; Gao et al., 2019). They catalyse the initial cleavage step for the degradation
of ulvan via an elimination mechanism. They cleave the a-1,4-linkage between rhamnose-3-
sulfate and glucuronic or iduronic acid under the formation of an unsaturated uronic acid
residue at the non-reducing end. This residue then can be cleaved off by unsaturated
glucuronyl hydrolases of the family GH88 or GH105 (EC 3.2.1.-) (Itoh et al., 2006a; Itoh et al.,
2006b; Nyvall Collén et al., 2014; Salinas et al., 2017; Reisky et al., 2019), forming 5-dehydro-

4-deoxy-D-glucuronate. Protein functions for the ulvan degradation system of F. agariphila
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KMM 39017 were first predicted by similarity with the help of artificial chromogenic substrates
(Salinas et al., 2017) after which the first complete metabolic ulvan degradation pathways were
elucidated (Reisky et al., 2019; Baumgen et al., in preparation; Chapter 3.2.3 and 3.2.4).

The depolymerization of xylan requires several enzymes to be broken down into its monomers
D-xylose, L-arabinose and D-glucuronic acid. The enzymatic degradation of terrestrial xylan
has already been reviewed several times with different focus (Bastawde, 1992; Uffen, 1997;
Dood and Caan, 2009; Malgas et al., 2019). In contrast, concerning the degradation of marine

xylan, especially sulfated xylan, very little is known.

Most important and best known are endo-1,4-B-D-xylanases (EC 3.2.1.8) which cleave the B-
1,4-linkage of the polymeric xylan backbone. For the cleavage of -1,3-linkages endo-1,3-B-D-
xylanases (EC 3.2.1.32) are required. Xylanases are assigned to the GH families 5, 8, 10, 11,
26, 30, 43, 51, 98 and 141 as listed in the CAZy database (Cantarel et al., 2009; Lombard et
al.,, 2014). They produce several xylooligosaccharides (XOS) with different chain length
including xylobiose, xylotriose, xylotetraose and larger XOS, thereby enabling further cleavage
by B-1,4-xylosidases (EC 3.2.1.37) or 3-1,3-xylosidases (EC 3.2.1.72) which cleave off single
xylose monosaccharides from the non-reducing end (Dodd and Cann, 2009). These enzymes
are contained in the families GH1, 2, 3, 30, 39, 43, 51, 52, 54, 116 and 120. Beside the endo-
B-D-xylanases and the B-xylosidases a class of exo-xylanases, which only cleaves shorter
XOS substrates under the release of monomeric xylose at the reducing end, was reported
(Honda and Kitaoka, 2004; Santos et al., 2014).

The synergistic effect of terrestrial xylanases from families GH10 and GH11 and B-xylosidases
from family GH3 was investigated on beechwood xylan (Gong et al., 2016) as well as a GH30
xylanase from fungal origin (Nakamichi et al., 2019). A characterized marine GH10 xylanase
from the marine tunicate-associated y-proteobacterium Paraglaciecola mesophila KMM241
was characterized to be salt-tolerant and active at low temperatures, but it was also
investigated on terrestrial beechwood xylan (Guo et al., 2009). If side groups of arabinose are
present, they require a removal by a-arabinofuranosidases (EC 3.2.1.55) and those of 4-O-
methyl-D-glucuronic acid by a-glucuronidases (EC 3.2.1.139). The GH-families, which contain
a-L-arabinofuranosidases, are GH2, 3, 43, 51, 54 and 62, those for which a-glucuronidases
are reported GH4, 67 and 115.

Only very few publications on xylan degradation investigated marine xylan degradation with
CAZymes from marine sources. A B-1,3-D-xylanase from the marine [B-proteobacterium
Alcaligenes sp. XY-234 (Araki et al., 1998) and one from the marine y-proteobacterium Vibrio
sp. strain AX-4 (Aoki et al., 1988) and XY-214 (Araki et al., 1999) were investigated on B-1,3-
D-xylan from the chlorophyte green algae Caulerpa racemosa. There is a report about the

saccharification of B-1,3-D-xylan from the chlorophyte green algae Caulerpa taxifolia by a 3-
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1,3-D-xylanase and a B-1,3-xylosidase from the same Vibrio strain XY-214 (Umemoto et al.,
2012). An a-glucuronidase from the hyperthermophilic bacterium Thermotoga maritima was
reported to hydrolyse 2-O-(4-O-methyl-a-D-glucuronic acid)-D-xylobiose to xylobiose and 4-O-
methylglucuronic acid (Ruile et al., 1997).

All in all, the degradation of marine xylan must be studied much further to get a complete
overview about the metabolic processes that can be used to produce oligo- and
monosaccharides from this polysaccharide source. There is lack of knowledge especially
concerning the substrate specificity and role in the degradation process of xylan-active
sulfatases, which in the case of several other carbohydrates were shown to be essential for a

complete breakdown of the polysaccharide.

1.3 Applications of marine polysaccharide utilization systems

The elucidation of marine polysaccharide utilization systems enables the use of algal biomass
for fermentation processes and the production of biofuels and high value fine chemicals.
Currently, biofuels can be grouped, depending on their origin, in four generations (Aro, 2016).
First generation biofuels originate from edible plants containing sugar, oil and cellulose, but
have the major disadvantage to set the biofuel production in competition with the world’s food
supply (Aro, 2016). This is improved in the second generation biofuels by being sourced from
non-edible lignocellulose-containing plants (Aro, 2016). Nevertheless, the yield of these
biofuels is low and the presence of lignin makes it harder for enzymes to efficiently break down
the contained polysaccharides, often leading to the necessity of chemical pretreatments. For
the production of third generation biofuels algal biomass is used. Like expounded before, algal
biomass is treated as waste and accumulates in very large amounts due to the high growth
rate of algae (Aro, 2016). Photobiological solar fuel and electrofuels form the fourth generation
biofuels. They are expected to be produced using synthetic biology via direct conversion of
solar energy into biofuels (Aro, 2016). This field of research is still in the early stages of
development, making algae biomass the most promising source for the production of biofuels

in the near future.

Therefore, biorefinary concepts were published mostly for the efficient saccharification and
fermentation of brown algae carbohydrates. Among these, the metabolic engineering of
Saccharomyces cerevisiae for the fermentation of mannitol and alginate degradation products
to ethanol was reported (Enquist-Newman et al., 2014). The metabolic engineering of
Escherichia coli lead to the creation of a biotechnological strain that is able to degrade, take
up and metabolize alginate under the production of bioethanol (Wargacki et al., 2012). The
clarification of the metabolic pathway for 3,6-anhydro-L-galactose enabled the use of the red

algae polysaccharides agar and carrageenan for the same purpose (Yun et al., 2015). A recent
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review however emphasized the critical aspects of the bioethanol production from algal
biomass as it requires an energy-intensive pretreatment (Dave et al., 2019) but it can be
argued, that this problem also applys to second generation materials. Several microorganisms
like Bacillus licheniformis are known to ferment glucose to 2,3-butanediol (Nilegaonkar et al.,
1992). On the basis of these facts, the stereoselective production of meso-2,3-butanediol from
glucose was reported by metabolic engineering of E. coli (Ui et al., 1997) and of B. licheniformis
(Qiu et al., 2016). Glucose can be produced using the widespread glucanases of various
organisms to degrade the green algal glucans and the brown algal laminarins. Thereby, a
combination of the described fermentations of glucose and the depolymerization of glucans
can be used for the direct production of meso-2,3-butanediol from polysaccharides. Besides
ethanol, hydrogen is a promising energy carrier. The fermentive hydrogen evolution was
reviewed showing biochemical pathways for the production of hydrogen by various
microorganisms (Vardar-Schara et al., 2008). The reported hydrogen generation systems
involving bacteria on first or second generation plant sources (de Vrije et al., 2009) can easily
be adapted to the use of algal biomass as the investigation of fermentive pathways starts with
monosaccharides, that can be provided by either land plants or algae. Thus, the hydrogen
evolution using the hyperthermophilic bacteria Thermotoga neapolitana on biomass of the
green alga Chlamydomonas reinhartii was reported (Nguyen et al., 2010). The production of
hydrogen from xylose is also possible using an in vitro enzyme cascade (Martin del Campo et
al., 2013), showing that hydrogen evolution can also work cell-free. On the basis of the studies
of Reisky (Reisky et al., 2019) the fermentation of ulvan hydrolysate by B. licheniformis

producing subtilisin was demonstrated (Dutschei et al., in preparation).

In principle the application of carbohydrates in biotechnological processes for fermentation
requires the possibility to fully degrade the respective carbohydrate to the monomeric level and
the ability to metabolize the corresponding monosaccharides released by the polysaccharide
degradation. Thus, the more complex the polysaccharide is, the more CAZymes are required
for the degradation. If the polymer contains rare sugars there are often only a few
microorganisms which are able to metabolize them. For the production of ethanol, yeasts like
S. cerevisiae are often used because they exhibit a high ethanol tolerance (Ghareib et al.,
1988). Still, yeasts often lack genes in the metabolic pathways encoding for proteins for the
conversion of pentose sugars like xylose and arabinose (Olsson and Hahn-Hagerdal, 1996).
Enabling a usage of these sugars would require metabolic engineering (Martin et al., 2002),
complicating the use of algal biomass in fermentation processes. However, especially rare
sugars can not only serve as carbon source for fermentation, but also be a value product on
their own. Thus, 3,6-anhydro-L-galactose can be isolated from red algae and it was reported

to exhibit skin whitening and anti-inflammatory properties (Yun et al., 2013).
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In theory, every chemical produced by a biotechnological strain can be produced from algal
biomass, if the respective organism is engineered to accept the including carbohydrates as a

carbon source.

1.4 Analytics of polysaccharide degradation

The degradation of polysaccharides can be studied using various assays and analytical
methods. The activity of CAZymes that directly cleave glycosidic bonds can easily be
visualized using a reducing-end assay (MBTH-Assay). This assay is based on the analysis of
reducing-ends produced in the degradation process. Therefore, 3-methyl-2-benzothiazolinone
hydrazone (MBTH) is used for the quantification of aldehydes. Thereby, two molecules of
MBTH form an adduct with one aldehyde molecule in a two-step reaction. At first the aldehyde
condensates with one MBTH molecule under neutral conditions forming a Schiff base. In the
second step, under acidic and oxidizing conditions, a second molecule reacts with the
intermediate forming a blue compound which can be detected photometrically at 620 nm
(Anthon and Barett, 2002; de Oliveira et al., 2005) (Figure 7).
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Figure 7: Reaction scheme for the detection of an aldehyde with the MBTH-assay. The reaction
scheme was modified after de Oliveira (de Oliveira et al., 2005). The amine group of the first MBTH
molecule attacks the carbonyl carbon atom of the aldehyde to form a Schiff base. A second MBTH
molecule is oxidizes by iron under acidic conditions resulting in a species with positivated nitrogen of
the former amine. After addition of this oxidized MBTH molecule to the adduct of the first reaction step,
a deep blue dye is formed that can be detected photometrically at 620 nm.

Alternatively, the reaction products of polysaccharide lyases can be determined
photometrically as the B-elimination mechanism results in the formation of a 4,5-unsaturated
compound (Figure 8). This double bond can be quantified at 235 nm, allowing, in contrast to

the MBTH-assay, a measurement over time (Nyvall Collén et al., 2014).
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Figure 8: Reaction scheme for the formation of a 4,5-unsaturated hexenuronic acid. Shown is a
part of an ulvan chain (Rha3S-GIcA-Rha3S) that is converted by an ulvan lyase to the hexenuronic acid
at the non-reducing end. The eliminated glycon is not shown to simplify the scheme. The formed double
bond (red) can be quantified photometrically at 235 nm.

The unsaturated compound can be removed using GHs of family GH88 and GH105, leading

to the formation of an a-keto acid, which can be analysed using the thiobarbituric acid assay.
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Here, the keto acid condensates with two molecules of thiobarbituric acid forming a red

compound which can be quantified at 548 nm (Itoh, 2006d)
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Figure 9: Reaction scheme for the principe of the thiobarbituric acid assay. The reaction shows

the detection of malonyl dialdehyde. The reaction scheme was modified after Weitner (Weitner et al.,

2016). Two moleculs of thiobarbituric acid form an adduct with one molecule of malonyl dialdehyde (in

this work 5-dehydro-4-deoxy-D-glucuronate) which is of red colour and can be quantified photometrically
at 548 nm.

The degradation of all polysaccharides can be visualized using the two electrophoretic
procedures carbohydrate polyacrylamid gel electrophoresis (C-PAGE) and fluorophore-
assisted carbohydrate electrophoresis (FACE). Both methods are based on the
electrophoretical separation of oligosaccharides in polyacrylamide gels. It has to be mentioned
that only charged molecules run in an electrophoresis. Larger fragments can be analysed via
C-PAGE resulting in a degradation pattern, if the gel is stained with the dye 'stains-all' after
electrophoresis. Smaller fragments and neutral saccharides are invisible, because they either
run out of the gel or not at all. For smaller products FACE is a suitable method. Therefore, in
advance the oligosaccharides are labeled with a fluorescence dye, like 2-aminoacridone
(AMAC) or 8-aminonaphtalene-1,3,6-trisulfonic acid (ANTS). The labeling happens via
reductive amination with sodium cyanoborohydride (NaCNBHzs) (Figure 10). Because of its
charges, ANTS can also be used to charge neutral saccharides, what makes it possible to
separate them via FACE (Calabro et al., 2000).
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Figure 10: Reaction scheme for the fluorophore-labeling of a saccharide with AMAC. The reaction
scheme was modified after Gemma (Gemma et al., 2008). The amine function of AMAC reacts with the
aldehyde group of the open-conformation of the reducing-end sugar (in this case 3-D-xylose) forming a
Schiff base which is reduced by the NaCNBHs.
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2. Scope of this work
The DFG-funded research unit POMPU (Proteogenomics Of Marine Polysaccharide

Utilization) aims to investigate the environmental interplay of polysaccharide-producing
phytoplankton blooms with their degrading heterotrophic bacterioplankton counterparts.
Previous analyses in the consortium revealed many putative PULs in genomes from marine
Bacteroidetes strains isolated from the North Sea, which enable the degradation of target
carbohydrates. The environmental relevance of these PULs was confirmed by metagenomic
and metaproteomic data of Helgoland spring blooms from 2010 to 2012 (Kappelmann et al.,
2019). The functions of CAZymes encoded by genes from these PULs are usually annotated
by in silico alignment experiments with known sequences. However, without biochemical
characterization, the true function of these CAZymes remains unknown. These findings raised
several new research questions such as: What are the respective substrate specificities of the
individual CAZymes involved in the successive degradation of ulvan and xylan? How does the
interaction of sulfatases with other CAZymes work on sulfated polysaccharides?

Thus, the aim of this work was the functional characterization of marine CAZymes from
Bacteroidetes with focus on ulvan and xylan degrading strains. PUL H from F. agariphila KMM
39017 was suggested within the POMPU consortium to be involved in the degradation of ulvan
(Figure 11). Especially the recombinant expression of sulfatase-encoding genes from PUL H
and the synergistic effects of ulvan-active sulfatases with GHs and PLs were a main task of
this project in order to fully elucidate the degradation pathway of ulvan to the monomeric level.
Additionally, three putative xylan-PUL structures were found in the Bacteroidetes strains
Muricauda sp. MAR_2010_75 and Flavimarina sp. Hel |_48 (Figure 11). In contrast to
terrestrial counterparts, the degradation of marine xylans remains mostly underexplored.
Therefore, a functional characterization of the three putative xylan PULs with a clarification of
the substrate scope of the xylan-degrading enzymes was another important object of this work.

A clarification of the metabolic mechanism of marine polysaccharide decomposition would
expand the knowledge of how microbial degraders turn over algal biomass and how they can
survive in their biological niches. Simultaneously, the possibility for the complete enzymatic
degradation of polysaccharides provides access to a new cheap and worthwhile source of
bioactive and rare sugars which could be used in order to produce high value biotechnological

products for the chemical and pharmaceutical industry.
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Figure 11: Schematic illustration of the investigated PUL structures. The ulvan-targeting PUL H
from F. agariphila was modified according to Mann (Mann et al., 2013) and the xylan-targeting PULs
from Muricauda sp. and Flavimarina sp. were modified according to Kappelmann (Kappelmann et al.,
2019). The notations above the genes in PUL H indicate the names of the constructs according to Reisky
(Reisky et al., 2019).
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3. Results

3.1 Extraction and processing of ulvan from green algae

The enzymatical degradation of ulvan is yet underexplored. A decomposition would produce
monosaccharides like rhamnose, glucuronic acid, xylose or sulfated sugars. In order to
investigate the metabolic pathway and CAZyme activities targeting ulvan, a suitable
polysaccharide substrate is required. Therefore, two different commercially available ulvans
were ordered from Elicityl (Crolles, France), of which one was isolated from Ulva sp. and one
from a member of the former genus Enteromorpha that now also belongs to the genus Ulva
(Hayden et al., 2003). However, as polysaccharides are well known for their structural diversity
depending on the source and some environmental influences (Lahaye and Robic, 2007),
extraction was done on four different batches of algae to obtain a broader diversity of
polysaccharide substrates for further analyses. Algae from “kulau sea lettuce® (Kulau, Berlin,
Germany) containing Ulva spp. from Spain and algae harvested in France (Atlantic Ocean) by
Jan-Hendrik Hehemann and in Lubmin (Baltic Sea) by Lukas Reisky were chosen for
extraction. As ulvan is a highly sulfated polyanion it can be easily extracted with hot water. The
addition of the bivalent metal ion chelator sodium oxalate was supposed to facilitate the yield
by complexing Ca?* ions which are known to form gel structures with ulvan (Lahaye and Robic,
2007). In general, the procedure followed the protocol of Robic (Robic et al., 2008).

After clarification and concentration, a viscous extract was received (Figure 12a). Ulvan is
insoluble in concentrated ethanol and acetone, enabling its precipitation (Alves et al., 2013)
(Figure 12b)

---’

Figure 12: Precipitation of ulvan. (a) Clarified and concentrated extract from Ulva lactuca (‘kulau sea
lettuce"). Algal cell debris and particles were removed via vacuum filtration and centrifugation. Sodium
oxalate from the extraction procedure was removed by ultrafiltration with centrifugal concentrators. The
clarified extract was concentrated with a rotary evaporator. (b) After addition of acetone the insoluble
ulvan-containing fraction precipitates.

The lyophilization of dissolved ulvan precipitate resulted in a white filamentous material. From

50 g spanish algal dry weight 4.3 g ulvan-containing lyophilized material could be obtained.
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3.2 Characterization of ulvan-degrading enzymes from F. agariphila

The first enzymatic decomposition of ulvan by a marine bacterium led to the discovery of the
first ulvan lyase (Lahaye et al., 1997). After biochemical characterizations of several other
ulvan lyases these enzymes are known to cleave the ulvan main chain before glucuronic or
iduronic acid residues via a non-hydrolytical B-elimination mechanism leading to the formation
of a 4,5-unsaturated compound (A). This double bond between C4 and C5 can be quantified
photometrically at 235 nm which allows to trace the lyase reaction over time by measuring the
absorption (Nyvall Collén et al., 2014). Only for two types of enzymes an activity against ulvan
has already been observed: on the one hand ulvan lyases from families PL24, PL25 and PL28,
on the other hand GHs from families 88 and 105. In F. agariphila only two ulvan-active
enzymes, one ulvan lyase (P30_PL28) and one GH105 (P33_GH105), were reported (Salinas
et al., 2017; Reisky et al., 2018b) (for functional annotation see Table 9, Appendix).

3.2.1 CAZyme activities on ulvan from different sources

Some results of this and the following chapters were obtained in cooperation with Dr. Lukas

Reisky (previously PhD student within POMPU in the Bornscheuer group).

The simple and effective method to measure the formation of the double bond photometrically
makes the ulvan lyase a suitable candidate to verify the ulvan content of a biological sample.
Ulvan was described to exhibit a very diverse structure (Percival, 1979) and the amount of the
contained sugars can vary, depending on the source from which it was extracted. In order to
prove that the lyophilized algal extracts indeed contained ulvan and to observe differences in
the depolymerization behavior, the formerly described ulvan lyase P30_PL28 (for locus tag of
all investigated enzymes see Tab. 7, appendix) was used on a commercially available ulvan
ordered from Elicityl and self-isolated ulvan from Lubmin, Spain and France. The reaction

progress was followed photometrically at 235 nm (Figure 13).
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Figure 13: Photometrical analyses of lyase activity of P30_PL28 on ulvan from different sources.
Polymeric ulvan from four different sources was incubated with P30_PL28. Batches (a) without ulvan as
negative control, (b) with commercial ulvan from Elicityl, (c) with ulvan from Lubmin, (d) with ulvan from
Spain (e) and with ulvan from France were used.

In comparison to the negative control without any ulvan the resulting absorptions of the lyase
assays increased for every ulvan sample (Figure 13a). While for the samples from Elicityl,
Spain and France the increased absorption was significant (Figure 13b,d,e), activity on ulvan
from Lubmin was very low (Figure 13c), almost resembling the negative control. Therefore, the
presence of ulvan in all samples was confirmed, although the sample from Lubmin presumably
either contained a very small amount of ulvan or a kind of ulvan that is partly resistant against

degradation by this specific ulvan lyase, explaining the low absorptions.

To complement the results of the lyase assay, the enzymatical ulvan degradation was
examined by biocatalysis reactions of two enzymes provided by Lukas Reisky. Two
commercially available ulvans from Elicityl and four self-isolated ulvans from Lubmin, Spain
and France were used as substrates. From the two batches of french ulvan one presumably
contained more xylose than the other ulvans (xylose-rich). These samples were incubated with
P30 _PL28 or P31_GH39, which had formely shown endo-activity against some ulvans in

experiments performed by Lukas Reisky (Figure 14). When comparing the different C-PAGE
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results, every incubation with P30_PL28 resulted in the degradation of the respective ulvan.
Even the ulvan from Lubmin, which resulted in a very low increase in absorption in the lyase
assay, showed a significant degradation pattern. In contrast, an analysis of the samples
incubated with P31_GH39 revealed that most of the ulvans seem to be resistant against
degradation by this enzyme as there was no difference compared to the negative control
without enzyme. The only exception is the xylose-rich ulvan, where a degradation pattern
appears. This pattern significantly differs from the one caused by ulvan lyase degradation.
When investigating the synergistic effects of P30_PL28 and P31_GH39 the degradation
pattern in all batches is similar to the batch with only ulvan lyase as no degradation by
P31_GH39 occurs. However, the xylose-rich ulvan degradation pattern neither fits the lyase
pattern nor the GH39 pattern. While in both batches with either P30_PL28 or P31_GH39 larger
fragments are still visible above the bromophenol blue band, these fragments seem to
disappear in favor of smaller degradation products when both enzymes are combined
(Figure 14).
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Figure 14: C-PAGE analysis of P30_PL28 and P31_GH39 on ulvan from different sources.
Biocatalysis reactions with ulvan from Elicityl (Enteromorpha and Ulva) (a) Lubmin, Spain (b) and France
(France and xylose-rich) (c) were incubated with either no enzyme as a negative control, with
P30_PL28, with P31_GH39 or with both enzymes simultaneously. The degradation was analysed by
C-PAGE. The thick blue band, that reaches through the full width of the gel, is caused by bromophenol
blue.
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This fact indicates a synergistic effect of P30_PL28 and P31 _GH39 as they convert products
resistant to the respective other enzyme and thereby enable a degradation to smaller
fragments. Ulvan is mainly composed of the disaccharides GIcA-Rha3S, IdoA-Rha3S and
Xyl-Rha3S. As the ulvan lyase cleaves before uronic acid products, it can be assumed that it
would degrade an ulvan only composed of alternating GIcA and Rha3S residues completely
to the disaccharide level, producing A-Rha3S. The same would apply if the ulvan contains
iduronic acid, as P30_PL28 is known to accept both glucuronic and iduronic acid (Reisky et
al., 2018b). Consequently, there is a high probability that the fragments resistant to ulvan lyase
treatment contain xylose residues, which prevents the cleavage by a lyase due to the lack of
a carboxy group at C5 position. As these fragments seem to be degradable by P31_GH39 this
fact hints at an activity of this enzyme on xylose-containing ulvans. Hydrolysis experiments
and monosaccharide analyses performed by the group of Jan-Hendrik Hehemann already
confirmed an increased xylose content in the 'xylose-rich' ulvan sample supporting this
hypothesis (data not shown). That makes the xylose-rich ulvan sample a promising source for
xylose-containing ulvan oligosaccharides. Nevertheless, the particular substrate for
P31 _GH39 remains elusive as a cleavage of Xyl-Rha3S or Rha3S-Xyl would be possible. In
the CAZy database the GH39 family only group a-L-iduronidases and B-xylosidases. This
would hint at a potential xylosidase activity of P31_GH39. However, a confirmation can only
be achieved by analysing the reaction products with NMR spectroscopy. Later this analysis
revealed a novel endo-rhamnosidase activity of P31_GH39 (Chapter 3.2.3; Reisky et al.,
2019).

3.2.2 Ulvan-active polysaccharide sulfatases

Ulvan is a highly sulfated polysaccharide (Lahaye and Robic, 2007). A degradation to the
monomeric level requires several sulfatases active on sulfated polysaccharides as sulfate
groups can block other CAZymes and prevent them from depolymerizing the carbohydrate.
PUL H of F. agariphila contains eight genes that are annotated as sulfatases. Several
glycoside hydrolases and two ulvan lyases showed activity against ulvan in experiments
performed by Lukas Reisky. However, a further degradation without addition of sulfatases was
not possible so that the PUL H sulfatase genes were expressed recombinantly to support the
degradation pathway already initialized by the other CAZymes. Therefore, four sulfatases from
PUL H were obtained — codon-optimized as synthetic genes — from Addgene (P18 S1 7,
P19 S1 27, P32_S1 8, P36_S1_25) while the other four were cloned into pET28 using the
FastCloning method (Li et al., 2011) (P11_S1_7, P12_S1_8, P13_S1_16, P14 _S1_7).

The SDS-PAGE analysis showed that except for P13_S1_16 all sulfatases could be obtained
in soluble form and purified from cell extracts with negligible impurities compared to the high
yield (Figure 15).
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Figure 15: SDS-PAGE analysis of purified sulfatases. Pierce™ unstained protein MW marker
standard was used as protein marker.

A recombinant expression of sulfatases is a challenging task as they require a post-
translational modification in their active site. A formylglycine has to be implemented into the
protein by a formylglycine-generating enzyme (FGE). E. coli has its own mechanism for
sulfatase maturation, but this is known to be insufficient for recombinantly overexpressed
sulfatases. Therefore, the sulfatase genes were coexpressed with the gene encoding for FGE
from Mycobacterium tuberculosis. Nevertheless, after several biocatalysis reactions with
sulfatases on different ulvan degradation products there was no effect of any sulfatase (data
not shown). In former studies (Reisky et al., 2018a) it was shown that some proteins of F.
agariphila only interact correctly when combined with their native counterparts, but not with
those from other organisms. This led to the decision to instead use the native FGE gene from
F. agariphila for coexpression. However, still no sulfatase activity on the ulvan degradation
products were observed. As the maturation process is taking place, while the unfolded
sulfatase is still bound to the ribosome, a maturation of the active site cystein is no longer
possible if the protein is already folded. Hence, the cultivation protocol was adapted in a way
that the induction of FGE occured several hours before the sulfatases were induced to ensure
an availability of active FGE before the biosynthesis of sulfatases was initialized. There are
reports that FGE is cofactor-independent, but more recent studies discovered that they are
copper-depending enzymes (Holder et al., 2015). Accordingly, copper chloride was added to
the cultivation medium. This procedure with addition of copper ions and prolonged expression
time of FGE before the induction of sulfatases was confirmed by Alisdair Boraston (University
of Victoria, Canada), whose group already was able to produce recombinantly active

carrageenan-targeting sulfatases.

After optimization of the expression protocol, the sulfatases were incubated with different ulvan

degradation products again. Ulvan from Spain was used either untreated or predigested with

ulvan lyase P30_PL28 or both P30_PL28 and unsaturated glucuronyl hydrolase P33_GH105.
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Activity of sulfatases on one of the degradation products, would release sulfate. This free
sulfate can be precipitated by adding barium ions to the reaction mixture. Insoluble barium
sulfate precipitates resulting in a turbidity that can be measured photometrically at 420 nm
(Kolmert et al.,, 2000). As the batch with the respective combination showed a strongly
increased absorption at 420 nm implying that sulfate was released by the sulfatase (Figure 16),
this first experiment hinted at an activity of sulfatase P36_S1 25 on ulvan, which was
predigested with both P30_PL28 and P33_GH105. In further experiments the precise identity
of the substrate oligosaccharides could be revealed.

0.3
0.25

0.2
Ulvan

m Ulvan + P30_PL28
0.1 -

absorption at 420 nm
o
|_\
(&)

m Ulvan + P30_PL28 +
0.05 P33_GH105

Figure 16: Turbidimetric sulfatase assay. The sulfatases were incubated on polymeric ulvan from
Spain and ulvan pretreated with P30 _PL28 or P30 _PL28 and P33_GH105. Released sulfate
precipitates with barium chloride from the conditioning reagent and leads to absorption at 420 nm.

A purification of degraded ulvan via size-exclusion chromatography provided defined ulvan
oligosaccharide standards. Nevertheless, some minor impurities were still present. First
biocatalysis reactions with the sulfatases on these oligosaccharide standards were measured
in cooperation at the Station Biologique in Roscoff (France) via high performance anion
exchange chromatography with pulsed amperometric detection (HPAEC-PAD). The results
revealed an activity of sulfatase P18 S1_7 on the trisaccharide Rha3S-Xyl-Rha3S, which was
substituted at the non-reducing end by an 1,4-linked hexenuronic acid and/or by an 1,2-linked
glucuronic acid residue (Figure 17). It was expected that the respective standard
oligosaccharide would be the substrate for the sulfatase and be converted to a new product,
resulting in a decrease of the related peak. Surprisingly, the activity of P18 _S1_7 did not
reduce the amount of the substrate as expected but instead increased it. The only possibility

for the sulfatase to increase the amount of the standards is by converting impurities still
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contained in the samples into the standard substances. Indeed, peaks were identified that were
reduced through the biocatalysis in approximately the area as the peak of the main products
increased (Figure 17). This implies that P18_S1_7 is able to desulfate an unkown side product
to the respective main product. As in the resulting products both rhamnose residues were
known to be still sulfated, the most probable position for a sulfate group that could have been
removed is the C2' hydroxygroup of xylose as xylose-2-sulfate was reported to be present in
ulvan (Lahaye, et al., 1999). The results indicate that P18_S1_7 desulfates the xylose residue
of substituted Rha3S-Xyl2S-Rha3S.
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Figure 17: Integral HPAEC-PAD analysis of P18 S1 7 on ulvan oligosaccharides. Biocatalysis
reactions of P18 _S1 7 on ulvan tetramers and pentamers were measured with HPAEC-PAD. As a
negative control the same batch was prepared with heat-inactivated enzyme. The integrals of the
negative control were substracted from the integral of the batch with active enzyme. Shown are the
integral values of the two peaks with significant change in one batch. The change of the integrals of the
main products are shown in black and the change of the integrals of the impurities in white. A number
in combination with an 'S' attached to a sugar represents the position of sulfate groups. 'Unsaturated
uronic acid' represents 4-deoxy-a-L-threo-hex-4-enopyranuronic acid.

These results were confirmed by FACE analysis. A substrate mixture that contained the trimers
Rha3S-Xyl-Rha3S, Rha3S-Xyl2S-Rha3S and Rha3S-GlcA-Rha3S was used for biocatalysis
reactions with all sulfatases. Only P18 S1 7 and P36_S1 25 showed activity on these
substrates. If P18_S1_7 is used in the reaction, one of the three bands vanished, because the
respective substrate was converted. However, there is no new product band appearing (Figure
18) implying, that the new band is not visible in FACE analysis or runs at the same height as
the large band of Rha3S-Xyl-Rha3S. This supports the hypothesis, that Rha3S-Xyl2S-Rha3S
is desulfated to Rha3S-Xyl-Rha3S. In reactions containing P36_S1 25 all three substrate
bands are shifted (Figure 18). Apparently, this sulfatase is able to desulfate all three

trisaccharides. The resulting products are desulfated at one of the rhamnose residues. At this
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point, it was not possible to determine if the non-reducing or reducing end rhamnose residue
is desulfated. A combination of both active sulfatases did not lead to any further conversion,
meaning, that P18_S1_7 is not able to desulfate Xyl2S, if one of the flanking rhamnose

residues has already been desulfated.

AxA—.

v

% D-glucuronic acid D-xylose AL-rhamnose

Figure 18: FACE analysis of sulfatases in biocatalysis reactions with three ulvan trisaccharides.
An ulvan standard mixture containing the three trisaccharides Rha3S-Xyl-Rha3S, Rha3S-Xyl2S-Rha3S
and Rha3S-GIlcA-Rha3S was used. As negative control no sulfatase was added. A number in
combination with an 'S' attached to a sugar represents the position of sulfate groups.

In parallel, the GHs of PUL H were investigated on the standard substrates, performed by
Lukas Reisky. As none of the GHs was able to degrade the disaccharide Xyl2S-Rha3S it was
suggested that a desulfation of the Xyl2S moiety would be required before further degradation
by GHs. A screening of the remaining sulfatases revealed P32_S1 8 to be active on this
substrate desulfating the substrate (Figure 19). However, at this point, it was not clear, whether
xylose or rhamnose is desulfated. Later the product was identified as Xyl-Rha3S by NMR
spectroscopy, confirming the hypothesis, that P32_S1 8 removes the Xyl2S sulfate group
converting Xyl2S-Rha3s into Xyl-Rha3sS.
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Figure 19: FACE analysis of the desulfation of Xyl2S-Rha3S by the remaining sulfatases of
PUL H. The disaccharide Xyl2S-Rha3S was used as substrate. For the negative control no sulfatase
was added. The identity of the product Xyl-Rha3S in the P32_S1 8 was clarified later by NMR
spectroscopy. A number in combination with an 'S attached to a sugar represents the position of sulfate
groups.

3.2.3 Complete elucidation of an ulvan degradation pathway

Some results of this chapter were already published in 'A marine bacterial enzymatic cascade
degrades the algal polysaccharide ulvan' (Reisky, et al., 2019).

For the establishment of a complete metabolic degradation pathway for ulvan, the synergistic
effects of all involved CAZymes needed to be analysed and the predicted substrate specificity
of each enzyme had to be confirmed via NMR spectroscopy. Therefore, standard ulvan
oligosaccharides of each metabolic intermediate were isolated and purified via SEC. The
structures of the isolated products were elucidated by NMR spectroscopy by Christian Stanetty
at the Technical University of Vienna. The generation of ulvan oligosaccharides was
accomplished by preparative biocatalysis reaction of polymeric ulvan with the known
ulvanolytic enzymes. The resulting fragments were purified by SEC and their structure was
elucidated by NMR spectroscopy. With biocatalysis reactions on these standards further
products could be obtained and analysed until all products of the ulvanolytic pathway were
available as purified and NMR-confirmed standards. With these standards it was possible to
discover the substrate specificity of all involved enzymes, enabling the complete elucidation of
the metabolic ulvan degradation pathway, which comprises 12 enzymes including, two PLS,
seven GHs and three sulfatases.

The first step of this pathway comprises the recognition of polymeric ulvan by the extracellular
ulvan lyase P30_PL28 and endolytic cleavage of the polysaccharide chain resulting in the
production of larger oligosaccharides. The ulvan lyase P10_PL40 is a presumably membrane-
bound enzyme which complements the lytic activtiy of P30 _PL28 to produce smaller

oligosaccharides (Figure 20) that are kept close to the cell surface to prevent their loss by
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diffusion. Now they are presumably taken up into the periplasm by TBDTs with support by
SusD-like proteins where a further degradation by several GHs and sulfatases occurs.
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Figure 20: Model of the first part of the metabolic degradation pathway of ulvan by F. agariphila.
The oligosaccharide on top represents a section of a larger polysaccharide chain. All redundant
pathways were omitted for reasons of clarity. A number in combination with an 'S" attached to a sugar
represents the position of sulfate groups. 'Unsaturated uronic acid' represends 4-deoxy-a-L-threo-hex-
4-enopyranuronic acid.

The clarification of standards via NMR spectroscopy allowed the determination of the substrate
specificity of the endolytic P31_GH39, the first ulvan-active endo-rhamnosidase of family
GH39. Thus, it cleaves the ulvan chain after Rha3S and enables the degradation of xylose-
containing ulvan oligosaccharides, but its activity is blocked by 1,2-linked glucuronic acid side
chains which have to be removed by the a-glucuronidase P17 _GH2 in advance to enable a
further degradation. This was demonstrated by comparing the bands of a glucuronic acid
standard with the bands of the reaction products of P17_GH2 in FACE analysis. The emerging
sulfated oligosaccharides then need to be further processed by an interplay of the three
characterized ulvan-active sulfatases and additional sulfatases. The smallest substrates
arising from the described pathways are A-Rha3S, that can be cleaved by P33 _GH105 into 5-
dehydro-4-deoxy-D-glucuronate and rhamnose-3-sulfate, as well as the xylose-containing
tetrasaccharides A-Rha3S-Xyl2S-Rha3S and A-Rha3S-Xyl-Rha3S, which can be converted
by P33 _GH105 into their respective trisaccharides and the disaccharides Xyl2S-Rha3S and
Xyl-Rha3S (Reisky et al., 2019). To degrade A-Rha3S-Xyl2S-Rha3S to the monomeric level it
takes at least five different enzymes. First, the hexenuronic acid at the non-reducing end has
to be removed by P33_GH105, leading to the trisaccharide Rha3S-Xyl2S-Rha3S. The sulfate
group at the xylose has to be cleaved off by P18_S1_7 in order to allow further degradation.

The order of removal of the hexenuronic acid and the xylose sulfate group is interchangable,
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as it was shown that P18 S1 7 is also active on the tetrasaccharide. Only after both
deprotection steps have occurred, the sulfatase P36_S1_25 can become active on the
resulting trisaccharide Rha3S-Xyl-Rha3S. As the NMR spectroscopy clarified, this sulfatase
cleaves off the sulfate group at the non-reducing end rhamnose moiety with great specificity.
As a result, the monosulfated trisaccharide Rha-Xyl-Rha3S is available as a product from this
reaction. At this point, the a-L-rhamnosidase P20_GH78 is responsible for the removal of the
now desulfated rhamnose residue at the non-reducing end converting the substrate into the
disaccharide Xyl-Rha3S. The hydrolysis of this disaccharide can be achieved by two different
GHs. Both P24 _GH3 and P27_GHA43 show B-xylosidase activity on Xyl-Rha3S and thereby
release monomeric xylose and rhamnose-3-sulfate (Figure 21).
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Figure 21: FACE analysis and schematic model of the xylose-2-sulfate-containing degradation
pathway. The trisaccharide Rha3S-Xyl2S-Rha3S was used as substrate. No enzyme was added to the
negative control. All used products and standards were isolated and confirmed by MS and NMR
measurement. A number in combination with an 'S' attached to a sugar represents the position of sulfate
groups. 'Unsaturated uronic acid' represents 4-deoxy-a-L-threo-hex-4-enopyranuronic acid.

As mentioned above, the disaccharide Xyl2S-Rha3S cannot be desulfated by P18 _S1 7 as
the non-reducing rhamnose residue already was removed. This function is undertaken by
P32_S1 8 instead, which removes the xylose sulfate group in order to produce the
disaccharide Xyl-Rha3S that already is known to be degradable by the B-xylosidases
P24 GH3 and P27_GH43 (Figure 22). All of the reaction steps of the pathways were confirmed
experimentally using FACE analysis, C-PAGE, MS and NMR measurements with defined

purified standard oligosaccharides.
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Figure 22: FACE analysis of P32_S1_8 pathway. The disaccharide Xyl2S-Rha3S was used as
substrate. No enzyme was added to the negative control. All used products and standards were isolated
and confirmed by MS and NMR measurement. A number in combination with an 'S' attached to a sugar
represents the position of sulfate groups.

3.2.4 The alternative ulvan degradation pathway

The results of this and the following chapter were obtained in cooperation with Theresa
Dutschei (Bornscheuer group) and are currently prepared for publication (Baumgen et al., in

preparation).

The initial degradation step of the ulvan lyases (P10_PLnc and P30_PL28) leads to the
formation of several oligosaccharides with diverse composition. This includes tetramers that
contain glucuronic or iduronic acid which are the result of an incomplete digestion. Even though
these oligosaccharides were shown to be in principle degradable by the ulvan lyases to the
dimer A-Rha3sS, high concentrations of lyase products inhibit the ulvan lyases leading to the
accumulation of the oligosaccharides A-Rha3S-GIlcA-Rha3S and A-Rha3S-ldoA-Rha3S
(Lahaye et al., 1997). As these oligosaccharides could also accumulate in nature, an
alternative degradation pathway to target these intermediate products seemed to be required
which was the motivation to search for suitable enzyme activities in PUL H. This lead to the
discovery of enzyme candidates that are able to degrade these lyase products to monomeric
levels starting with the smallest uronic acid-containing lyase products A-Rha3S-GlcA-Rha3S

and A-Rha3S-ldoA-Rha3S. As it was not possible to separate oligosaccharides containing
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GIcA from those containing IdoA the mixture is designated as A-Rha3S-GIcA/ldoA-Rha3S. At
the first step of the cascade the exo-acting unsaturated glucuronyl hydrolase P33_GH105
cleaves off the unsaturated uronyl residue from the non-reducing end leading to the formation
of 5-dehydro-4-deoxy-D-glucuronate and the trisaccharide Rha3S-GlcA/ldoA-Rha3S which
was isolated and its structure confirmed by NMR. This resulting trimer shows similarity to the
known product Rha3S-Xyl-Rha3S and Rha3S-Xyl2S-Rha3S for which the sulfatase domain of
P36_S1_25 showed activity before. Indeed, this sulfatase shows the same activity on all three
products irrespective of the sugar species located between the two flanking rhamnose
residues. In all three cases it desulfates the rhamnose residue at the non-reducing end so that
this sulfatase shows promiscuous activity against ulvan trisaccharides with the general
structure Rha3S-XXX-Rha3S. The desulfated trisaccharide Rha-GlcA/ldoA-Rha3S was
isolated to confirm the desulfation site at the non-reducing end. Analogous to the already
established pathway, Rha-GlcA/ldoA-Rha3S is now degraded by the a-L-rhamnosidase
domain of P36_GH78 leading to the removal of the rhamnose residue at the non-reducing end.
This confirms that both enzyme domains of P36 act in consecutive steps within the ulvan
degradation on multiple substrate molecules. This makes P36 the first multi-modular enzyme
participating in ulvan degradation. The structure of the reaction product GlcA/IdoA-Rha3S was
confirmed by NMR spectroscopy as well. Proceeding from this product, two different
degradation sub-pathways could be identified by screening all produced enzymes encoded by
PUL H. The first way to digest the disaccharide GIcA/IdoA-Rha3S is to use P34_GH3. This
glycoside hydrolase cleaves off the glucuronic or iduronic acid residues with release of
rhamnose-3-sulfate, making it a promiscuous B-glucuronidase that also shows a-iduronidase
activity. The second way is to use the conserved hypothetical protein P29 _PDnc (Figure 23).
It converts the disaccharide GlcA/IdoA-Rha3S into the formerly described lyase-produced
disaccharide A-Rha3S under the elimination of water. The formed disaccharide can be
digested using P33_GH105 as described before, leading to the formation of Rha3S and 5-
dehydro-4-deoxy-D-glucuronate which also confirmed the dehydratase activity of P29_PDnc
(Figure 23). The two resulting products of both pathways — rhamnose-3-sulfate and glucuronic
or iduronic acid — were confirmed with commercial or self-prepared and NMR-analysed

standard substances.
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Figure 23: Model of the alternative ulvan degradation pathway of F. agariphila based on FACE-
analysis. In reactions containing P29_PDnc the other enzymes were heat-inactivated before addition
of P29 _PDnc to prevent a degradation of the dehydratase product by P33 _GH105. All used products
and standards (except GIcA) were isolated and confirmed by MS and NMR measurement. The standard
for GIcA was obtained from Roth. All products represent the mixture of both oligomers containing one
of the epimers GIcA or IdoA. The ratio between GIcA- and IdoA-containing oligomers is ~70:30 (Reisky
et al., 2018). The 4-deoxy-a-L-threo-hex-4-enopyranuronic acid is abbreviated with 'unsaturated uronic
acid'.

3.2.5 A novel class of ulvan-active dehydratases

For the further investigations a new batch of ulvan was extracted by Theresa Dutschei from

algae from Helgoland which were a kind gift of Jens Harder (MPI Bremen).

P29_PDnc was revealed to be a novel class of ulvan-active dehydratases that participates in
the degradation of ulvan. This is the first time a dehydratase was described to be acting in the
depolymerization of a carbohydrate. Other described sugar-active dehydratases usually
catalyse monosaccharide-related reactions. P29 _PDnc was reported to be an ulvan lyase with
broad substrate spectrum (Konasani et al., 2018). In contrast, in this work no activity of this
enzyme against polymeric ulvan from seven different sources could be observed. One
difference between the constructs of these two studies is the position of the His-tag of the
investigated heterologous produced enzymes. To investigate, if the His-tag position influences
the enzymatic activity, two different variants each with either N-terminal or C-terminal His-tags

were prepared by Theresa Dutschei. The photometric lyase assay was used to determine the

36



Results

double bond formation which is characteristic for the lyase activity. Carbohydrate
polyacrylamide gel electrophoresis (C-PAGE) was used to visualize the breakdown-products
and a reducing-end assay was used to estimate the reducing ends resulting from this cleavage
process (Figure 24 and appendix). For the reducing-end assay all seven ulvan samples were
incubated with both variants of P29_PDnc, with N-terminal or C-terminal His-tag. As a positive
control the established ulvan lyase P30_PL28 was used. The assay detects the formation of
new reducing-ends so that a cleavage of the polysaccharide chain by a lyase would lead to an
increased absorption at 620 nm. With the ulvan lyase P30_PL28 every ulvan sample is
depolymerized, resulting in a significant absorption. Both variants of P29 _PDnc show no
activity on all seven ulvans as there is no absorption in the reducing-end assay (Figure 24). All

reactions were performed in triplicates.
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Figure 24: Reducing-end assay of the reaction catalysed by the dehydratase P29 _PDnc with N-
and C-terminal His-tag on ulvan from seven different sources. Polymeric ulvan from seven different
sources was incubated with both P29 PDnc variants with N-terminal or C-terminal His-tag and
P30_PL28 as positive control or without enzymes as negative control. The ulvans were two
commercially available ulvans from Elicityl extracted from Enteromorpha sp. or Ulva sp. and five self-
isolated ulvans from “kulau sea lettuce” containing Ulva spp. from Spain and from self-collected Ulva
sp. from Helgoland (North Sea), France (Atlantic Ocean) and Lubmin (Baltic Sea). Reactions were
carried out in triplicates.

These results were verified by an additional lyase assay and C-PAGE for all seven samples.
In the C-PAGE analysis the degradation pattern of ulvan treated with both P29 variants
resembles the negative control where untreated ulvan was used for the reaction. In contrast,
after incubation with P30_PL28, which was used as a positive control, a diverse degradation
pattern with many small product bands appeared in the gel (Figure 25a and appendix). These
results were confirmed by the lyase assay. An increase in absorption over time refers to a
formation of the double bond in the lyase cleavage process. In the C-PAGE experiments the

batches with P29 _PDnc resembled the negative control without any enzyme addition while
37



Results

treatment with the ulvan lyase P30 PL28 shows a significant increase in absorption and
thereby a depolymerization of all seven ulvans (Figure 25b and appendix). The results of these
two assays confirmed the reducing-end assay results as no activity of P29_PDnc on polymeric

ulvan from seven different sources was detected.
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Figure 25: Analysis of lyase activity of P29 _PDnc. (a) C-PAGE analysis and (b) lyase assay with
ulvan from France (xylose-rich). Polymeric ulvan from seven different sources was incubated with both
P29 PDnc variants with N-terminal or C-terminal His-tag and P30_PL28 as positive control or without
enzymes as negative control. The ulvans were two commercially available ulvans from Elicityl extracted
from Enteromorpha sp. or Ulva sp. and five self-isolated ulvans from “kulau sea lettuce” containing Ulva
spp. from Spain and from self-collected Ulva sp. from Helgoland (North Sea), France (Atlantic Ocean)
and Lubmin (Baltic Sea) (appendix).

After it was clearly disproved that P29 _PDnc is active on polymeric ulvan, its activity against
the disaccharide GlcA/ldoA-Rha3S was confirmed by a thiobarbituric acid assay which detects
the formation of a-keto acids by forming a red compound with an absorption maximum at 548
nm (Itoh, 2006d). Both P29 PDnc variants and the supporting P33_GH105, which releases
the a-keto acid after the dehydratase reaction, were incubated with the target disaccharide. As
a positive control P33_GH105 was also used in biocatalysis reactions on the lyase-produced
disaccharide A-Rha3S which is the reaction product of the dehydratase reaction. The batches
containing only a variant of P29_PDnc showed no absorption as the P33_GH105, which is
supposed to release the formed hexenuronic acid, is missing. P33_GH105 on its own induced
a very small absorption, but only a combination of P29_PDnc and P33 _GH105 led to a
significant absorption. However, this is far from the absorption of the positive control
P33_GH105 on the disaccharide A-Rha3S (Figure 26). The thiobarbituric acid assay thereby
confirms the results obtained by FACE analysis that P29_PDnc converts GlcA/ldoA-Rha3S to
A-Rha3S which can be targeted by P33_GH105.
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Figure 26: Thiobarbituric acid assay for the determination of a-keto acids. Purified GlcA/IdoA-
Rha3S was incubated with both P29 PDnc variants with N-terminal or C-terminal His-tag and/or
P33_GH105 or purified A-Rha3S was incubated with P33_GH105 as a positive control. The resulting
reaction mixture was investigated using the thiobarbituric acid assay for the determination of a-keto
acids (Itoh et al., 2006d). A number in combination with an 'S' attached to a sugar represents the position
of sulfate groups. 'Unsaturated uronic acid' represents 4-deoxy-a-L-threo-hex-4-enopyranuronic acid.

As the substrate GlcA/ldoA-Rha3S is converted by both P29 PDnc and P34 _GH3 it could be
possible to reverse the dehydratase reaction by shifting the equilibrium to the educt side. If the
reaction is carried out in deuterium oxide it should be inserted at the double bond which could
be identified by mass spectrometry. The first experiment aimed to demonstrate that the
equilibrium can be shifted to the educt side to hydrate the double bond. The FACE analysis
showed that indeed it is possible to produce glucuronic acid and rhamnose-3-sulfate when
combining both enzymes on the lyase dimer A-Rha3S. The use of only one of the two enzymes
led to no difference in comparison to the purified disaccharide standard. If both enzymes are
used in one reaction a band at the height of glucuronic acid appears and the band at the height
of rhamnose-3-sulfate becomes thicker (Figure 27). This is only possible, if the P34_GH3
eliminates the disaccharide GlcA/IdoA-Rha3S out of the equilibrium, which then is shifted to
the educt side, so that P29_PDnc instead of dehydrating the uronic acid residue hydrates the
double bond again. Nevertheless, the conversion still is very low and most of the disaccharide

remains in the dehydrated form.
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Figure 27: Hydration of A-Rha3S using P29_PDnc + P34_GH3 with FACE-analysis. P29_PDnc and
P34 _GH3 were incubated on the disaccharide A-Rha3S leading to the formation of GIcA or IdoA and
Rha3S in monomeric form by shifting the chemical equilibrium of the dehydration step by P29 _PDnc to
the educts by degrading the produced disaccharide GlcA/ldoA with P34_GH3. A number in combination
with an 'S' attached to a sugar represents the position of sulfate groups. 'Unsaturated uronic acid'
represents 4-deoxy-a-L-threo-hex-4-enopyranuronic acid.

The reaction products were measured with the help of Daniel Schultz (Institute for
Biochemistry, Greifswald) via mass spectrometry (FTICR-MS) revealing a mass peak at the
mass of glucuronic acid +1 [M-H] which was only detected in the sample of the biocatalysis
reaction but not in the control reaction without enzyme (Figure 28). One deuterium atom was

presumably inserted into the double bond, resulting in a higher mass.
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Figure 28: Mass spectrum of the hydration of A-Rha3S using P29 _PDnc + P34_GH3. P29 _PDnc
and P34_GH3 were incubated on the disaccharide A-Rha3S leading to the formation of GICA or IdoA
and Rha3S in monomeric form by shifting the chemical equilibrium of the dehydration step by P29 _PDnc
to the educt by degrading the produced disaccharide GIcA/ldoA with P34 _GH3. The mass spectrum
shows the [M-H]- mass of glucuronic acid +1 (194.044001). The red spectrum represents the negative
control without enzymes (glucuronic acid peak is missing here) while the purple spectrum represents
the reaction with enzymes. The left large peak is not shown in its complete height to remain clarity of
the purple reaction peak. The y-axis (intensity) is not shown in this image section.

As P29 PDnc is the first described carbohydrate-active dehydratase, its catalytic mechanism

is still unknown. The results of the experiments so far describe the following reaction for the

dehydratase catalysis:

HOOG oH HOOC oH
HO O HO 0 +H0
OH o OH o
HO,S OH HO,S OH

Figure 29: Reaction scheme of P29_PDnc on A-Rha3S. The dehydratase removes water from the
C4 carbon atom of the glucuronic acid, leading to the formation of the characteristic unsaturated
hexenuronic acid known from PL reactions.

With alignment studies performed by Theresa Dutschei (Figure 59, appendix), amino acid
residues were determined that are presumed to participate in the catalysis. This is challenging,
because all homologous enzymes are of low similarity. The reaction of monosaccharide-active
dehydratases and ulvan lyases are both acid base catalysed with aspartate or glutamate
residues protonating or deprotonating the substrate. In the described dehydratases the
reaction is not dependent of the C5 carboxy group. In ulvan lyases this group is stabilized by
metal ions or positively charged amino acid residues like arginine. On the basis of the

alignment studies nine variants of P29_PDnc were produced to verify the participation of the
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corresponding residues in the catalysis. A residue directly involved in the process would lead
to complete loss of activity if mutated to a residue in which the specific chemical group is
missing. To avoid structural changes the target amino acids were mutated to structurally
similar, but chemically different residues. The variants were produced recombinantly in the
same way as the wild type. All variants except D288N could be solubly produced and exhibit
a rather high purity after IMAC purification (Figure 30).
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Figure 30: SDS-PAGE analysis of purified variants of P29_PDnc. Pierce™ unstained protein MW
marker standard was used as protein marker.

The purified variants were used in biocatalysis reactions to verify the alternative pathway
enzyme cascade. The P33_GH105 was not heat-inactivated this time so that the hexenuronic
acid residue was removed immediately after the dehydration. The remaining rhamnose-3-
sulfate could be distinguished much easier from the substrate disaccharide than the lyase
disaccharide in FACE analysis. A reaction cascade without P29 PDnc was used as negative
control, so that the pathway stopped at the disaccharide GIcA/IdoA-Rha3S. The wildtype
enzyme was used as positive control leading in combination with contained P33_GH105 to the
formation of monomeric rhamnose-3-sulfate. The variants E249Q, D263N, D284N and Y300F
still showed activity with almost no difference to the wild type. Variant E248Q showed a slightly
reduced activity as the conversion seemed to be incomplete. The substrate band in this sample
was still significantly brighter than in the positive control and the other active variants. A
complete loss could be observed in the batches of the variants D242N, R294E and K297I as
there was no difference to be observed in comparison to the negative control (Figure 31). This
is a strong hint that these residues are somehow involved in the catalysis. D288N showed no
activity as well but was not included in further discussions because of the absence of protein
as showed by the SDS-PAGE analysis.
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Figure 31: FACE analysis of biocatalysis reaction with P29_PDnc variants. The variants of
P29 _PDnc were incubated with the disaccharide GlcA/ldoA-Rha3S produced out of A-Rha3S-
GlcA/ldoA-Rha3S with enzymes from the alternative pathway leading to the formation of the free a-keto
acid and Rha3S. For the negative control no P29 _PDnc-variant was added to the enzyme reaction with
the enzymes from the alternative pathway. The P33_GH105 was not heat-inactivated as the produced
rhamnose-3-sulfate can be distinguished much easier from GIcA/ldoA than A-Rha3S. A number in
combination with an 'S' attached to a sugar represents the position of sulfate groups. 'Unsaturated uronic
acid' represents 4-deoxy-a-L-threo-hex-4-enopyranuronic acid.

43



Results

3.3 Characterization of xylan-degrading enzymes

The results of this chapter and the following were obtained in cooperation with the master

student Soraia Querido-Ferreira and the bachelor student Julia Heldmann (Bornscheuer
group).

The depolymerization of xylan into its monomers D-xylose, L-arabinose and D-glucuronic acid
requires several enzymes. Concerning the degradation of marine xylan, especially sulfated
xylan, very little is known. A complete degradation can only be achieved using a distinct set of
xylanases, xylosidases, arabinases, glucuronidases and in case of sulfated xylan sulfatases.

3.3.1 Xylan-degrading enzymes from Muricauda sp.

Muricauda sp. MAR_2010_75 exhibits seven genes that are putative xylan-active enzymes
(Table 9, appendix). They are annotated as GH2, GH5, four times as GH43 and one as
uncharacterized protein. For the characterization of this PUL, four genes were obtained codon-
optimized as synthetic genes (M1_GH2, M3_nc, M4_GH43, M6_GH43, M7_GHS5) while the
other three were cloned in pET28 using the FastCloning method (Li et al., 2011) (M2_GH43,
M5_GH43).

All proteins could be obtained in soluble form. M2 has not been investigated yet (Figure 32).
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Figure 32: SDS-PAGE analysis of purified proteins from the Muricauda xylan PUL. All designed
constructs except M2 were purified. Pierce™ unstained protein MW marker standard was used as

protein marker.

In first characterization experiments, the enzymes were used in biocatalysis reactions on xylan

from beechwood as this was available in a large amount. However, none of them showed an

activity on this type of xylan. As it was suggested that perhaps the enzymes are only active on

marine xylan, a red algae xylan from P. palmata was ordered from Elicityl. Its structure had
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been described to differ significantly from the terrestrial beechwood xylan (Deniaud et al.,
2003). After biocatalysis reaction of the Muricauda enzymes on xylan from P. palmata still no
degradation pattern could be observed in FACE analysis. To increase the available substrate
diversity a third xylan was extracted by Theresa Dutschei from the green alga Caulerpa
prolifera which was a kind gift from the Ozeaneum Stralsund. Green algae xylan was described
to contain only B-1,3-linked xylan (Mackie and Percival, 1959; Lahaye et al., 2003). Still, there
was no degradation pattern and no enzymatic activity to be observed when using the enzymes
on this xylan (data not shown). As none of the investigated Muricauda enzymes showed any
activity on either of the three xylans which originate from rather different sources and thereby
should exhibit a diverse structure with a great probability the characterized enzymes do not

target xylan at all.

3.3.2 Xylan-degrading enzymes from Flavimarina sp.
When investigating the putative xylan-targeting PUL structures of Flavimarina sp. Hel | 48

two distinct PUL structures were detected.

Two constructs of the first PUL and all nine constructs (Table 9, appendix) of the second were
ordered codon-optimized as synthetic genes (FI3_GH67, FI6_CE15, Fll1_GH43, FlI2_GH97,
FII3_GH43, Fll4_CE1, FII5_GHS8, FIl6_GH95, FII7_GH10, FII8_ GH10, FII9 _nc) while the
other three were cloned in pET28 using the FastCloning method (Li et al., 2011) (FI1_GH®67,
FI2_GH10, FI4_CH10, FI5_nc, FI7_GH43, FI8_GH2, FI9_nc). If the assignment of ORFs was
unclear, more than one construct was produced per gene (A, B, C). The construct for FI9_nc

could not be obtained without mutations after the last round of cloning experiments.

The SDS-PAGE analyses showed that all proteins could be obtained in soluble form except
FI1A, FI1C, FI7 and FII7, but for enzymes from both PULSs the purity of encoded proteins was
low with sometimes considerable impurities left, especially for FI6 and FlI4 (Figure 33 and
Figure 34).
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Figure 33: SDS-PAGE analysis of purified protein of the Flavimarina xylan PUL I. All designed
constructs except FI9_nc were purified. FI1A, FI1B, FI7 (not shown) and FI8B could not be obtained in
soluble form. Pierce™ unstained protein MW marker standard was used as protein marker.
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Figure 34: SDS-PAGE analysis of purified proteins belonging to the Flavimarina xylan PUL Il. FII7
(not shown) could not be obtained in soluble form. Pierce™ unstained protein MW marker standard was
used as protein marker.

In first experiments beechwood xylan was incubated with selected enzymes of PUL I. Three
of them showed a degradation pattern in the FACE analysis. Biocatalysis reactions with
enzyme Fl4_GH10 produced many bands that refer to oligosaccharide degradation products
of different mass (Figure 35). This indicates an endo-activity for this enzyme, which is
characteristic for an endo-xylanase. The biocatalysis reaction with FI2_GH10 and FI3_GH67

each resulted in one single band at the bottom of the gel indicating the presence of one small
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product that is probably a monosaccharide. This hints at an exo-activity for both enzymes.
Presumably, they removed side chain monosaccharides, like arabinose or glucuronic acid,
attached to the polysaccharide main chain. As the two bands run at a different height, they
seem to represent two different monosaccharide species. However, for FI2_GH10 there is a
faint degradation pattern with larger fragments at the top of the gel. Thus, a degradation of the
main chain seems to occur if the polysaccharide is treated with FI2_GH10. Only larger
fragment bands appear, but no smaller oligosaccharides, except the putative monosaccharide
band at the bottom (Figure 35). The properties of FI2_GH10 thereby differ significantly from
those of FlI4_GH10. While this enzyme shows a typical degradation pattern for an endo-acting
enzyme, which cleaves the main chain in fragments of various size, FI2_GH10 only produces
larger fragments and a monosaccharide. This indicates that FI2_GH10 most probably is an
exo-xylanase as it removes monomeric xylose moieties from the end of the main chain. This
would result in a monosaccharide band representing xylose and larger fragments which only
lack a few terminal xylose residues. Such a pattern cannot be detected for enzyme FI3_GH63,

again hinting at a side group-targeting activity of this enzyme.
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Figure 35: FACE analysis of selected enzymes from the Flavimarina sp. PUL | on beechwood
xylan. Biocatalysis reactions with beechwood xylan were incubated with selected enzymes from the
xylan PUL | of Flavimarina sp. The degradation scheme was analysed by FACE.

To investigate synergistic effects of the PUL | enzymes, FlI4 GH10-treated xylan was
incubated with four enzymes from the first screening. The FACE analysis shows the
characteristic degradation pattern of FI4_GH10 for all biocatalysis reactions which is known
from the first screening. FI5_nc and FI6_CE15 did not show a variation in the degradation
pattern compared to the control, to which additional FI4_GH10 was added. The enzymes
FI2_GH10 and FI3_GH67 on the other hand showed an alternative pattern by modifying two

smaller fragment bands (Figure 36, marked with black arrows). FI2_GH10 seemed to process
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one of the smaller fragments as the second lowest band on the gel was significantly reduced
compared to the same band in the other batches. A new product band did not appear,
presumably because a monosaccharide is formed which is not visible in this particular gel. For
F3_GH67 a new band appeared indicating the formation of an oligosaccharide product which
is not produced in the FI4 degradation process. Probably, this product has lost a side chain
monosaccharide, most likely arabinose or glucuronic acid, resulting in the changed running
behavior of the corresponding band. The removed monosaccharide should cause a band
which was invisible in this particular gel as it was the case for the FI2 degradation.
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Figure 36: FACE analysis of CAZymes from Flavimarina sp. PUL | using beechwood xylan
pretreated with Fl4_GH10. Biocatalysis reactions with beechwood xylan were incubated with
Fl4_GH10 and further selected enzymes from the xylan PUL | of Flavimarina sp. The sample with
FI4_GH10 thereby served as a negative control with no additional enzymes. The degradation scheme
was analysed by FACE. The black arrows indicate the two bands changing in intensity for sample FI2
and FI3.

On the basis of these experimental data the activities of FI2_GH10, FI3_GH67 and FI4_GH10
were estimated, still a comparative analysis with defined standard oligosaccharides is crucial
for the determination of the substrate scope and the confirmation of the evidence-based

postulated hypotheses.

The investigation of the second Flavimarina PUL occured in the same manner as the first. The
results resemble those of PUL | with one enzyme leading to the formation of a ladder-like
degradation pattern and another one only producing one single band at the bottom of the gel.
Construct FlI8_GH10 thereby fills the role as the putative endo-xylanase of PUL Il as its
degradation pattern exhibits various product bands representing several oligosaccharides of
various size. Construct FII5_GH8 generated a small monosaccharide-related product band,
hinting at an exo-activity of this enzyme (Figure 37). In contrast to FI2_GH10 from the first
PUL, no further degradation pattern was visible, so that a degradation of the main chain by

FII5_GHS8 is unlikely. It rather resembles the results already achieved for FI3_GH67 as it also
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led to the formation of one small band without any further degradation products. This indicates
a side chain targeting activity for FlII5_GH8. The pale degradation pattern visible for FII9_nc
was later demonstrated to be an artifact. FII9_nc did not have an activity in any degradation

step of xylan.
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Figure 37: FACE analysis of CAZymes from Flavimarina sp. PUL Il on beechwood xylan.
Biocatalysis reactions with beechwood xylan was incubated with the enzymes from the xylan PUL Il of
Flavimarina sp. No enzyme was added to the negative control. The degradation scheme was analysed
by FACE. The black arrow indicates the small putative monomer band for sample FII5.

In order to investigate synergistic activities of the PUL Il enzymes, they were screened in
biocatalysis reactions with two enzymes simultaneously. All enzymes were combined with
FII5_GHS8 which showed exo-activity against polymeric xylan in the first screening. In the FACE
analysis for all batches, a very faint degradation pattern could be observed that is reminiscent
of the degradation pattern caused by FI2_GH10. Here, in contrast to the first screening, the
results suggest a main chain-targeting activity of FII5_GH8. The only difference compared to
the control, to which no additional enzyme was added (except FII5), could be observed for
FII8 _GH10. Here the known endo-activity-related pattern was visible but appeared to be
modified in the presence of FII5_GHS. In the first screening especially small oligosaccharide
fragments resulted in clear bands, but in combination with FII5_GH8 the bands referring to
small fragments are rather faint, indicating a lower production of these oligosaccharides, if both
FII5_GHS8 and FlI8_GH10 are used in the reaction (Figure 38).
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Figure 38: FACE analysis of CAZymes from Flavimarina PUL Il on beechwood xylan pretreated
with FII5_GHS8. Biocatalysis reactions with beechwood xylan pretreated with FII5 were incubated with
the enzymes from the xylan PUL Il of Flavimarina. No additional enzyme was added to the negative
control. The degradation scheme was analysed by FACE.

This becomes even more visible, when the controls were performed as reactions with only FII8
instead of FII5, highlighting degradation by FII8. It also demonstrates the difference between
an FlI8 reaction and a synergistic reaction of FII8 and FII5. It seemed that all fragments
produced by FII8_GH10 were shifted downwards, as if a small part of each oligosaccharide,
like a monosaccharide, was removed. The band at the bottom appeared to be much brighter
in the FII5_GHS8-containing batch than in the controls (Figure 39). Thus, with a high probability
FII5_GHS8 is an exo-xylanase which converts the oligosaccharides produced by endo-xylanase
FII8_GH10 into monosaccharides. Therefore, it is more specific for smaller oligosaccharides,
indicated by the significantly reduced brightness of small product bands in the gel in
comparison to larger ones. This can be explained by the larger amounts of ends in a mixture
of smaller oligosaccharides in comparison to one large poly- or oligosaccharide, on which an

exo-enzyme can act.
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Figure 39: FACE analysis of CAZymes from Flavimarina PUL Il on beechwood xylan pretreated
with FII8_GH10. Biocatalysis reactions with beechwood xylan pretreated with FII8 were incubated with
the enzymes from the xylan PUL Il of Flavimarina. No additional enzyme was added to the negative
control. The degradation scheme was analysed by FACE.

No further degradation was detected when three enzymes were used simultaneously in
biocatalysis reactions as no variation in the degradation pattern of combined FII5_GH8 and
FII8 _GH10 occured, if a third enzyme was added (Figure 40).

Figure 40: FACE analysis of CAZymes from Flavimarina PUL Il on beechwood xylan pretreated
with FII5_GH8 and FII8_GH10. Biocatalysis reactions with beechwood xylan pretreated with FII5 and
FII8 were incubated with the enzymes from the xylan PUL Il of Flavimarina. No additional enzyme was
added to the negative control. The degradation scheme was analysed by FACE.

In order to investigate the degradation process over time, time-sampling experiments were

performed with FII5_GH8 and FII8_GH10. Beechwood xylan was incubated with the respective

enzyme which was then heat-inactivated after one, two, three, four or 14 days. If the

inactivation occured after 14 days of incubation, additional enzyme solution was added after

seven days. When comparing the reactions with FII8 _GH10 after one day and 14 days of
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catalysis it can be observed that the fraction of polysaccharide and large oligosaccharides,
which could still be seen in the one day sample at the top, was significantly reduced. In
contrast, the bands representing smaller fragments increase in intensity over time, what was
expected, as in the catalysis process larger fragments are cleaved into smaller fragments due
to the xylanase-activity of FII8 _GH10. The substrate specificity against smaller substrates
seemed to be significantly lower than against larger oligosaccharides, as the smaller
oligosaccharides accumulated over time, while oligosaccharides of medium size remained
stable. This indicates, that they are produced from the polysaccharide in the same amout as
they are degraded to smaller oligosaccharides, whereas the small ones are not converted into
monosaccharides in a significant amount. FII5_GH8 led to the formation of the known
monosaccharide band at the bottom after one day of catalysis. The faint degradation pattern
did not increase in intensity over 14 days, indicating that the oligosaccharides produced by
removing a terminal sugar residue, are converted preferentially by FII5 GH8 so that they
cannot accumulate over time. Surprisingly the monosaccharide band at the bottom vanished
completely after 14 days of incubation with FII5. As a monosaccharide is rather unlikely to be
converted to further products by a glycoside hydrolase, it remains challenging to find a
reasonable explanation for this. As the reactions were not prepared under sterile conditions a
contamination with a xylose-metabolizing bacterium could explain the vanishing xylose band
after 14 days. In the combined biocatalysis with both FII5_GH8 and FII8 _GH10, the sample
was initially incubated with only FII8 which then was inactivated after the first day of incubation,
after which the FII5_GHS8 was added. After two days, the smaller fragments disappeared again
and the putative monosaccharide accumulated at the bottom. Again, after 14 days of
incubation this band vanished, indicating a consumption of the monosaccharide (Figure 41).
The only explanation is that the band does not represent a monosaccharide, but the
disaccharide xylobiose. Next, this was verified by using defined oligosaccharide standards.
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Figure 41: FACE analysis of time-sampling experiments of FII5_GH8 and FII8_GH10. Beechwood
xylan was incubated with FII5 and FII8 over 14 days. Samples were inactivated after 1, 2 or 14 days.
The sample including both FII5 and FII8 was initially incubated only with FI118. After one day the
enzyme was inactivated followed by an addition of FII5. After 7 days fresh enzyme was added to each
14-days sample. The degradation scheme was analysed by FACE.

For the identification of the determined product bands, the following defined standard

oligosaccharides were ordered (Tab. 1).

Table 1: List of ordered oligosaccharide standards. The two linear xylooligosaccharides xylobiose
and xylotriose were ordered with substituted variants that are labeled with arabinose or 4-O-methyl
glucuronic acid at the first or second xylose residue. The abbreviations were adopted from the supplier.

Oligosaccharide name Chemical formula

0]
HO
Xylobiose (XBI) MOMOH

(0]
Xylotriose (XTR) OH Mo/mo/
HO OH

23-g-L-Arabinofuranosyl-xylotriose (A2XX) QOH 7 OH on
HO

,‘ 7 OH
3%-a-L-Arabinofuranosyl-xylobiose (A3X) oH OH  HO o
HO
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22-(4-O-Methyl-a-D-glucuronyl)-xylobiose
(UX)

22-(4-O-Methyl-a-D-glucuronyl)-xylotriose
XUX

23-(4-O-Methyl-a-D-glucuronyl)-xylotriose
UXX

The comparison of biocatalysis reaction products of FII5_GH8 and FII8 GH10 with standards

revealed the identity of the bright band produced by the combination of FII5 and FII8 as

monomeric D-xylose and not xylobiose. This means that surprisingly xylose is consumed in the

catalysis progress over 14 days. Perhaps, one of the impurities visible in the SDS-PAGE

analysis is responsible for the consumption of xylose. In addition, neither FII5 nor FII8 were

able to convert xylobiose into monomeric xylose (Figure 42).

Figure 42: FACE analysis of biocatalysis reactions of FlII5_GH8 and FII8_GH10 with standards.
Beechwood xylan was incubated with either FII5, FII8 or both simultaneously. Standard mono- and
oligosaccharides were added to the analysis to clarify the identity of the degradation products.
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The arabinose- and glucuronic acid-labeled standards also enabled a clarification of the
substrate specificity of the side chain-targeting enzymes. Construct FII3_GH43 was assumed
to cleave off either arabinose or glucuronic acid side chains from the main chain. Experiments
now revealed FII3_GHA43 to remove arabinose from substituted xylotriose as the band of the
substrate A2XX (xylotriose substituted with arabinose at the C2'-hydroxy group of the non-
reducing end xylose) disappears. At the same time, two new bands appeared with the same
mobility as the xylotriose standard and one with the same mobility as the arabinose standard,
which confirms, that arabinose was removed from the xylotriose (Figure 43). No enzyme was
active on one of the glucuronic acid-labeled oligosaccharides, as all the bands still exhibited
the same mobility as the substrate standard, what is shown here for UX (labeled xylobiose)
(Figure 43). For the other enzymes from PUL Il (data not shown), no activity against any
standard was detected as well. Only FII5_GH8 was active on xylotriose, also confirmed by

HPLC analysis.
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Figure 43: FACE analysis of biocatalysis reactions of enzymes from PUL Il on standard
substrates. Standard substrates were incubated with the enzymes from PUL Il that showed exo-activity
in previous experiments. Standard mono- and oligosaccharides were added to the analysis to clarify the
identity of the degradation products.

HPLC analysis confirmed the results of prior FACE analysis using the oligosaccharide
standards. Every enzyme from both PULs was investigated on all seven oligosaccharide
standards. For FI2_GH10 an activity on xylotriose was demonstrated by HPLC analyses. In
the chromatogramm from the biocatalysis reaction of FI2 on xylotriose two new peaks
appeared. The first one matches xylobiose the second one xylose. Both peaks were not
present in the chromatogramm of xylotriose without addition of enzyme (Figure 44). This clearly
confirms that FI2_GH10 is able to remove monomeric xylose from a xylotriose oligosaccharide
resulting in xylose and xylobiose. These results complement the FACE analysis where it

seemed that FI2 cleaved off terminal xylose from xylan poly- and oligosaccharides. However,

55



Results

the analyses did not clarify whether the xylose is removed from the reducing or non-reducing
end of the chain. Answering this question for a homopolymer turned out to be a challenging
task as in any analysis, including NMR spectroscopy, both products with xylose removed from
either end would still have the same structure. This problem can be avoided by using a
heterooligosaccharide, which upon cleavage becomes asymmetric enabling a distinct
clarification of the substrate specificity.
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Figure 44: HPLC-analysis of biocatalysis reactions of FI2_GH10 on xylotriose. FI2 was incubated
on the standard substrate xylotriose. The reaction was analysed by HPLC. The respective substrate and
product standards were analysed the same way.

The HPLC analysis for biocatalysis with FII5_GH8 on xylotriose confirmed the results already
obtained by FACE analysis. Two new peaks appeared at the position of xylobiose and xylose
which proves that FII5 is able to convert xylotriose into xylobiose and xylose (Figure 45). It
therefore resembles the degradation behavior of FI2_GH10 having the same activity against

xylotriose.
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Figure 45: HPLC-analysis of biocatalysis reactions of FII5_GH8 on xylotriose. FII5 was incubated
with the standard substrate xylotriose. The reaction was analysed by HPLC. The respective substrate
and product standards were analysed in the same way.

FII3_GHA43 cleaved off arabinose from a substituted xylotriose, demonstrated by FACE
analysis. HPLC analysis of FII3 incubated with A3X (substituted xylobiose) produced two new
peaks from which one matched xylobiose and the other one arabinose (Figure 46). This implies
that FII3_GHA43 is able to cleave off arabinose from the first xylose residue of substituted

xylobiose.

Thus, FII3 can cleave off arabinose from xylobiose as well as from xylotriose. This was
confirmed by the HPLC analysis of FlI3 incubated with substituted xylotriose. This time the two

new peaks matched the arabinose and xylotriose standards (Figure 47).
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Figure 46: HPLC-analysis of biocatalysis reactions of FII3_GH43 on A3X. FlI3 was incubated on
the standard substrate A3X. The reaction was analysed by HPLC. The respective substrate and product
standards were analysed the same way.
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Figure 47: HPLC-analysis of biocatalysis reactions of FII3_GH43 on A2XX. FII3 was incubated on
the standard substrate A2XX. The reaction was analysed by HPLC. The respective substrate and
product standards were analysed the same way.
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At this point, it was demonstrated that FII3_GH43 is a promiscuous a-L-arabinofuranosidase,
which removes arabinose side chains from xylooligosaccharides. As both standard
oligosaccharides used were substituted at the terminal non-reducing xylose residue it was
proven that the activity is not dependent on the chain length. However, it was not clarified if a
substitution with arabinose is only tolerated at the non-reducing end or as well at other
positions.

When investigating the activity of FII5_GH8 on the arabinose-substituted xylotriose (A2XX) an
activity could be observed. In contrast to the reactions with arabinofuranosidase the appearing
peak did not fit to arabinose but to xylose and xylotriose. As FII5_GH8 was shown to cleave
off xylose residues the peak matching xylotriose more likely represented a xylobiose which is
substituted with arabinose at the non-reducing terminal xylose residue (Figure 48). This implies
that FII5_GH8 not only removes xylose from linear xylooligosaccharides but also from
substituted species. As one of the resulting products is still a trisaccharide, FII5_ GH8
presumably cleaves off the xylose residue at the reducing end which is the only possibility to
produce a trisaccharide fragment and xylose from the standard A2XX. Nevertheless, a rather
small third new peak appeared that almost matched the position of the xylobiose standard and
therefore presumably represents a disaccharide species. Thus, it could also be possible that
FII5_GHS is also able to remove the substituted xylose residue at the non-reducing end. This
would lead to the formation of xylobiose and a disaccharide of xylose substituted at the C2*-
hydroxy group with arabinose. These two disaccharides together could form the third peak, but
its identity can only be clarified by NMR spectroscopic analyses of the isolated product.

Until this point FI2_GH10 and FII5_GH8 degraded xylooligosaccharides similarly. However,
HPLC analysis of FI2 incubated with arabinose substituted xylotriose revealed that in contrast
to FIIS its PUL | equivalent FI2 was not active on this substrate as no additional peak appeared
compared to the control reaction without enzyme (Figure 49). Thus, FI2_GH10 is much more

specific for linear xylooligosaccharides which are not substituted with arabinose.
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Figure 48: HPLC-analysis of biocatalysis reactions of FII5_GH8 on A2XX. FII5 was incubated on
the standard substrate A2XX. The reaction was analysed by HPLC. The respective substrate and
product standards were analysed the same way.
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Figure 49: HPLC-analysis of biocatalysis reactions of FI2_GH10 on A2XX. FI2 was incubated on
the standard substrate A2XX. The reaction was analysed by HPLC. The respective substrate and
product standards were analysed the same way.
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Interestingly, neither FI2_GH10 nor FII5_GH8 were active on xylobiose. This indicates that
both enzymes are indeed exo-xylanases and not (3-xylosidases which should have been able
to convert xylobiose.

Surprisingly, no activity of FI3_GH67 on any of the standard oligosaccharides could be
determined. One band was observed in the FACE analysis, which was suggested to represent
either arabinose or glucuronic acid as the mobility was not matching to the one of xylose.
FI3_GH67 showed activity on neither arabinose nor glucuronic acid substituted standard
oligosaccharides (data not shown). Perhaps it requires a particular substrate species for
recognition apart from the available standards but is contained in the investigated xylan

polysaccharide.

Until this point only terrestrial xylan was used for the analysis of CAZymes from Flavimarina
sp. due to its availability in large amounts. In a next step, marine xylan extracted from the red
algae P. palmata was included for further investigations. A first quick screening with a
Flavimarina sp. endo-xylanase revealed an altered degradation pattern for this marine xylan
compared to the terrestrial xylan from beechwood. As no suitable standard was available for
these large fragments, the bromophenol blue band was used for approximation of the mobility
of the degradation products in both xylan biocatalysis reactions. It could be observed that the
xylanase produces much smaller fragments from beechwood xylan as the brightest bands all
appear under the bromophenol blue band. In contrast, the fragments from the degradation of
P. palmata xylan mostly appear above the bromophenol blue band (Figure 50). These results
indicate that the xylanase is somehow blocked from degrading the larger fragments in the
marine xylan. The xylan from P. palmata was described to be a mixture of $-1,4-linked and -
1,3-linked xylan. Assuming that the Flavimarina xylanase is a 1,4-xylan specific xylanase, it
could cleave all B-1,4-linkages but not the B-1,3-linkages, leading to the accumulation of
xylooligosaccharides with B-1,3-linked fragments. This explains the production of smaller
fragments from beechwood xylan as it is only composed of (-1,4-linked xylan which can be

targeted by the 1,4-xylanase.
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Figure 50: FACE analysis of an endo-xylanase from Flavimarina sp. on xylan from beechwood
and P. palmata. Biocatalysis reactions with xylan were incubated with endo-xylanase from Flavimarina
sp. The degradation scheme was analysed by FACE.
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4. Discussion

4.1 Extraction and properties of ulvan from different sources

The turnover of algal biomass is of great importance for marine ecosystems worldwide. A
significant amount of this biomass is represented by polysaccharides. As the structural
complexity and morphology of carbohydrates can be very diverse (Percival, 1979), several
different ulvans were extracted from different algal sources, to provide a structural diverse
substrate composition for further experiments. Many protocols to extract ulvan from algae were
published (Robic et al., 2008; Alves et al., 2010; Lahaye et al., 1996; Ray and Lahaye, 1995).
The general procedure in all protocols involves an extraction with an aqueous oxalate solution.
Many additional steps were present in each protocol that should increase the yield or purity of
the polysaccharide, but include sophisticated procedures that cost much more time and effort.
The commercially available ulvan from Elicityl (native grade) costs 200 € per gramm. The
establishment of a fast and cheap extraction procedure thus had priority in this work. Using
only the agueous extraction with sodium oxalate about 4.3 g ulvan could be obtained from 50
g “kulau Sea Lettuce” which was ordered for 9.98 €, which makes 2.32 € per gramm ulvan for
the source material. Ulva sp. biomass accumulates at many beaches worldwide, where it is
presently considered as waste, although it represents a cheap source for polysaccharides like
ulvan. A challenging step in the protocol used in this work was the removal of oxalate from the
mixture via ultracentrifugation with centrifugal concentrators (Centricons®). As concentrated
ulvan-containing extract exhibits a high viscosity, it blocks the concentrator membrane what
makes the removal of sodium oxalate rather time consuming. In addition, the necessity to
exchange the blocked concentrators very often is also expensive. In further extraction studies,
performed together with Theresa Dutschei, an aqueous extraction without sodium oxalate was
used followed by a second step with oxalate solution. Based on the viscosity of the solution it
was estimated that a sufficient amount of carbohydrate already had been extracted in the first
step without sodium oxalate. Thus, an extraction without the use of sodium oxalate was more

suitable for this work.

4.2 Characterization of ulvan-degrading enzymes from F. agariphila
4.2.1 Investigation of CAZymes active on ulvan from different sources

Marine carbohydrates are known to be structurally complex and their composition can vary
depending on their source. Comparative analyses of ulvan-active enzymes can reveal these
structural differences due to their high substrate specificity. The investigation of the activity of
two endo-acting enzymes from PUL H on ulvan from different sources revealed a large
variation of the substrate composition. The enzymatic degradation enables the recovery of

several structural parts of different ulvans which were reported to be resistant against acid
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hydrolysis or are modified by it (Lahaye and Robic, 2007). This facilitates the structure
determination of the sugar composition of ulvans. Especially the use of the novel endo-
rhamnosidase P31_GH39 can be used to produce smaller oligosaccharides from a xylan-rich
ulvan without effecting the glucuronic or iduronic acid residues that would be converted to the
hexenuronic acid residue in the lyase cleavage process, which do not allow a determination of
the former uronic acid species. The fact that P31_GH39 only degraded the xylan-rich ulvan
effectively confirmed that ulvans from different sources may vary in their monosaccharide
composition. It is reported that this originates in taxonomical, ecophysiological as well as in
methological differences (Lahaye and Robic, 2007). The diversity of ulvan is also reflected in
the large set of CAZyme-encoding genes in F. agariphila, necessary to deal with highly
versatile and complex substrates. One might speculate that only a small fraction of the different
kinds of ulvan, which exist in nature, was investigated yet. Even the smallest structural variation
— within side or main chains — may require an additional enzymatic activity. This results in a
coevolution of algae and heterotrophic bacteria as the development of new structural elements
increases the algal resistance against being decomposed by bacteria. One adaptation to the
problem of the structurally complex algal substrate was demonstrated with the investigation of
the annual spring blooms in the German Bight (Teeling et al., 2012). The ability of marine
bacteria to produce highly specific distinct CAZymes and transporter proteins targeting many
algal polysaccharides is therefore an important ecological adaptation for their survival in the
marine habitats and emphasizes the significance of marine polysaccharide utilization to

understand the interplay of the biocenosis in aquatic systems.

4.2.2 Ulvan-active polysaccharide sulfatases

Marine polysaccharides are often sulfated, which increases their recalcitrance. For the
desulfation of ulvan, a set of highly specific polysaccharide sulfatases is required in order to
enable a further degradation by GHs. Eight out of 39 genes encoded in PUL H from F.
agariphila are sulfatases. The necessity for such a high number of sulfatases was so far
unknown, but was now confirmed to correlate again with high substrate specificity and ulvan
diversity. Whereas the most abundant sulfated sugar in ulvan is rhamnose-3-sulfate, also
xylose-2-sulfate was reported. In the analysed degradation pathways for ulvans of different
origin only three sulfatases had an activity and a target substrate could be determined.
P18 S1 7 recognizes Rha3S-Xyl2S-Rha3S and removes the sulfate group from the xylose
residue. The non-reducing end rhamnose can also be substituted at the C2'-hydroxy group
with a glucuronic acid residue or at the C4'-hydroxy group with a hexenuronic acid residue
without inhibiting the sulfatase activity. In contrast, P36_S1 25 is inactive if its substrate is
substituted: it recognizes any trisaccharide substrate with the sequence Rha3S-X-Rha3s, in

which the “X* represents xylose, xylose-2-sulfate, glucuronic or iduronic acid. P36_S1 25
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tolerates several residues which lay between the two rhamnose residues of the respective
trisaccharide. The target residue of P36_S1 25 is the rhamnose residue at the non-reducing
end. If this residue is substituted by a glucuronic or hexenuronic acid residue, P36_S1_ 25 is
no longer active. A previous deprotection of the trisaccharide is required for P36_S1_25 to be
active. Thus, the difference between the two sulfatases is not only the kind of the sulfated
sugar xylose-2-sulfate and rhamnose-3-sulfate, but also the diverging promiscuity in the
substrate recognition behavior. The substrate of P18 _S1 7 may contain a substitution at the
non-reducing end, which is not tolerated by P36_S1 25. Instead, it tolerates various
monosaccharide spacers between the two rhamnose-3-sulfate residues of its substrate
trisaccharide. Presumingly, this is because P18 S1 7 cleaves in the middle of the
trisaccharide, so that side chains at the ends do not interfere the catalysis, while P36_S1 25
cleaves at the non-reducing end, which therefore has to be deprotected for an efficient
catalysis. This suggests a different kind of substrate recognition and action of both sulfatases.
As P18 S1 7 cleaves in the middle of its substrate oligosaccharide it exhibits properties of an
endolytic enzyme whereas P36_S1 25 is an exolytic enzyme. This would also apply for
P32_S1 8, as it recognizes Xyl2S-Rha3S. On the corresponding trisaccharide Rha3S-Xyl2S-
Rha3S no activity can be observed for P32_S1 8. This hints at an exo-activity for this
sulfatase. This is supported by experiments performed by Aurélie Préchoux (Roscoff, France)
in which the sulfatases were incubated on polymeric ulvan and the amount of released sulfate
was measured. Only P18 _S1 7 showed significant release of sulfate on the xylose-rich ulvan,
what confirms its endo-activity. After crystallographic experiments an 'open-groove' topology
of the active site was revealed which is a structural explanation for the endolytic activity of
P18_S1 7, as by the topology a recognition and binding of polymeric substrate is facilitated
(Reisky et al., 2019). In contrast, the active site of P36_S1_25 was reported to be more like a
pocket which would favor an exolytic mode of action. These two enzymes only exhibit an
identity of 25%. Thus, they belong to different S1 subclasses according to the SulfAtlas
database. Nevertheless, P14_S1_7 belongs to the same family as P18_S1_7, but shows no
activity on polymeric ulvan at all. This demonstrates how different the catalytic mode of
sulfatases of the same family can be (Reisky et al., 2019). However, although P18_S1_7 was
reported to be the most active sulfatase on polymeric ulvan, results from this work indicated
that a catalysis on oligomeric substrates is favored as the amount of sulfate released from
polysaccharide desulfation was not enough to be visible neither in the sulfatase assay nor the

FACE analyses.
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4.2.3 Complete elucidation of an ulvan degradation pathway

With the contribution in this thesis, the metabolic degradation pathway of the green algal
polysaccharide ulvan was successfully elucidated. It comprises 12 enzymes, from which two
are PLs, seven are GHs and three are sulfatases. Thus, it was possible to establish a method
for the decomposition of ulvan to the monomeric level, which enables its use as a source for
mono- and oligosaccharides. Proteome analyses performed by Marie-Katherin Zihlke
(Institute of Pharmacy, Greifswald) (Reisky et al., 2019) showed in advance that most of the
PUL H genes were upregulated, if F. agariphila was cultivated on ulvan. Furthermore,
subproteome analyses helped with the prediction of the localization of the particular enzymes
of the pathway together with bioinformatical studies (Reisky et al., 2019). The initial
depolymerization step is catalysed by the ulvan lyases P30_PL28 and P10_PL40. P30_PL28
exhibits a type IX secretion signal and an additional ulvan binding module. Together with the
proteomic data this confirms that P30 is an extracellular enzyme. The binding module facilitates
the recognition and binding of polymeric ulvan substrate chains. As these properties are
missing in P10 it is suggested that it is more likely a membrane-associated or periplasmatic
enzyme. This indicates that the main function of P10 _PL40 is to degrade larger
oligosaccharides produced by P30_PL28, although it exhibits the same activity against
polymeric ulvan (Reisky et al., 2019). This strategy most probably avoids that smaller substrate
molecules diffuse away from the bacterial cell. Instead, they are cleaved immediately before
or after their uptake into the periplasm by TBDTSs. This strategy is also known as 'selfish’ uptake
mechanism (Reintjes et al., 2017). Larger oligosaccharides, that are resistant to ulvan lyases,
usually contain larger amounts of xylose as it was shown for xylose-rich ulvan. It is the function
of the endo-rhamnosidase P31 GH39 to degrade them. Up to this point, family GH39 had not
been described to contain rhamnosidases. Salinas et al. (Salinas et al., 2017) therefore
assumed an a-iduronase activity for this enzyme, because family GH39 presently only contains
B-xylosidases and a-iduronases. A BlastP search revealed, that P31_GH39 shows a rather
low identity with all other GH39 enzymes (Salinas et al., 2017). Thus, P31_GH39 is a fully new
type of GH39 enzyme with a novel activity and most presumably different structural motifs due
to the confirmed endo-activity. A further degradation of the resulting oligosaccharides requires
— next to a removal of the unsaturated hexenuronic acid residue by P33 _GH105 — a
desulfation. The desulfation represents an adaptation to the marine environment as seawater
exhibits a high concentration of sulfate ions (Aquino et al., 2005; Olsen et al., 2016). The
synergistic degradation of sulfated oligosaccharides by GHs and sulfatases was demonstrated
before for carrageenan (Ficko-Blean et al.,, 2017). Here, I- and k-carrageenan required a
desulfation of the C4 sulfate group of D-galactose by two specialized sulfatases resulting in a-
or B-carrageenan. A third sulfatase converted a-carrageenan into desulfated B-carrageenan

by removing the C2 sulfate group from anhydro-galactose. Without these desulfations further
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degradation steps by GHs were blocked (Ficko-Blean et al., 2017). This resembles the
successive mode of action in the degradation of ulvan. Thus, a synergistic interplay of
sulfatases and other CAZymes is a common mechanism for the degradation of marine sulfated
polysaccharides. Furthermore, the studies concerning the carrageenan sulfatases revealed
the occurence of exolytic and endolytic sulfatases from Gammaproteobacteria of the genus
Pseudoalteromonas, both active on carrageenan (Ficko-Blean et al., 2017). As also sulftase
activities were reported which are involved in the degradation of brown algae polysaccharides
like fucoidan (Helbert, 2017), it can be predicted that the elucidated pathway for ulvan can be
transferred to the degradation mechanisms of all other marine polysaccharides and that modes
of action are applicable for several phyla.

The last step of the degradation of ulvan up to monomeric sugars is the removal of xylose from
the disaccharide Xyl-Rha3S by P24 GH3 or P27_GHA43. At this point, the question arises why
two different enzymes catalyse the same reaction. They are both B-xylosidases but belong to
different GH families. Members of the family GH3 are known to hydrolyse their substrates
following the retaining mechanism while GH43 enzymes catalyse the reaction under inversion
(Cazy database). In previous experiments, only P24 GH3 showed activity on 4-
methylumbelliferyl-B-D-xylopyranoside but P27_GHA43 did not (Salinas et al., 2017). This could
be explained by the bulky methylumbelliferyl residue, which blocks the backside-attack
required for the inversion mechanism, while the front side is still accessible for the formation
of the glycon-enzyme intermediate of the retaining mechanism. This shows that both enzymes
indeed differ in the substrate recognition, especially if a bulky aglycon is contained in the
substrate. This also might indicate an adaptation to the diversity of ulvan substrates. Sequence
alignment studies revealed that ulvan PULs are conserved in marine Bacteroidetes. 12 PULs
were found using ulvan lyases PL28 as query. In all PULs identity of PL28 was more than 50%
(Reisky et al., 2019).

The elucidation of the F. agariphila ulvan degradation pathway enables the biotechnological
use of ulvan as a source for the production of fermentable monosaccharides. The conservation
of ulvan PULs in different strains demonstrates their ecological importance and facilitates the
prediction of new ulvan PULs on basis of the known conserved sequences. The similarity of
the utilization of ulvan and other polysaccharides highlights similar evolutionary adaptations in
the usage of marine carbohydrates. Thus, a general degradation pathway can be predicted for
all marine polysaccharides. The polysaccharide degradation is initialized by extracellular
enzymes with endolytic activity. These enzymes can be recognized by their sequence as they
usually exhibit some kind of secretion signal (de Diego et al., 2016) and often a carbohydrate-
binding module that facilitates the binding of the polymeric substrate (Boraston et al., 2004).

The structure has to be an open one, so that the active site is exposed for the binding of
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polysaccharide chains. After the first degradation by the initializing enzyme, oligosaccharides
can be further processed by membrane bound enzymes or be uptaken directly into the
periplasm. For heteropolysaccharides, a cleavage of the diverse chain by further endolytic
enzymes can occur. Now the successive degradation of the oligosaccharides by sulfatases
and GHs takes place.

4.2.4 The alternative ulvan degradation pathway

With the successful elucidation of an alternative enzyme cascade, which is able to fully
degrade uronic acid-containing oligosaccharides resulting from an incomplete degradation by
ulvan lyases, it was possible to complement the complex ulvan degradation pathway described
above. Biochemical characterization of each step of the cascade with purified enzymes and
structural determination of the produced intermediates enabled the discovery of a new branch
of the complex ulvan degradation pathway in F. agariphila. In addition to the previously
described ulvan-degrading enzymes (P10 _PLnc, P17_GH2, P18 S1 7, P20 _GH78,
P24 GH3, P27_GH43, P30_PL28, P31_GH39, P32_S1_8, P33_GH105, P36_S1_25) (Reisky
et al.,, 2019) the function of three further enzymes in the ulvan utilization comprising two
glucoside hydrolases (P34_GH3, P36_GH78) and a polysaccharide dehydratase (P29 _PDnc)
was elucidated. Furthermore, a new substrate specificity in this pathway was detected for the
previously described sulfatase of family S1_25 (P36_S1_25). The discovery of the activity of
P36_GH78 as an exolytic a-rhamnosidase makes P36_GH78/S1_25 the first characterized
multimodular CAZyme in the ulvan degradation. The modularity might increase the efficiency
of the enzyme, as both sulfatase and rhamnosidase cleave right after each other, so that
presumably the desulfation of Rha3S-GlcA/ldoA-Rha3S and the removal of the rhamnose
residue occur in one catalytic step without a dissociation of the sulfatase product from the
enzyme complex. Multimodular enzymes were revealed before in other Bacteroidetes even
the same combination of GH78 and sulfatase was reported for N. ulvanivorans (Helbert, 2017),
which confirms the importance of this combination of enzyme activities for the utilization of

ulvan.

The new alternative ulvan specific pathway described here, seems to be conserved in other
marine bacteria (Figure 60, appendix) (Baumgen et al., in preparation). The elucidation of an
alternative degradation pathway illustrates the complexity of the marine ulvan degradation. It
indicates the necessity of backup mechanisms for metabolic processes in order to get access
to complex marine carbon sources in nature. Several small degradation cascades complement
each other to break structurally diverse substrates down to monomeric level. Depending on
the particular environmental substrate conditions, the here described sub-pathway enables a
more efficient ulvan utilization. The higher the ulvan concentration, the more the lyases are

inhibited by their own products (Lahaye et al., 1997). This is prevented by the alternative
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pathway enzymes which are able to take over the function of the inhibited lyase cascade to
ensure a hitch-free development of energy sources. This expands the insights into the
metabolic processes in the degradation of marine polysaccharides, which are an important
part of the understanding of the ecological interactions in aquatic habitats and the ocean’s

carbon cycle.

The characterizations of ulvan-active enzymes and the clarification of their substrate scopes
allow to use these enzymes for the production of ulvan-derived chemical products for many
industrial applications in the future, making it possible to use algal waste for recycling to high

value materials with even beneficial effect for the environment.

4.2.5 A novel class of ulvan-active dehydratases

P29 PDnc was discovered to be the first ulvan-active dehydratase. It was described in a
previous work to be an ulvan lyase with a broad substrate spectrum (Konasani et al., 2018).
As the results from this work indicated an activity of P29 against the disaccharide GIcA/IdoA-
Rha3s instead, it was necessary to verify the ulvan lyase activity. It was assumed that the
different position of the His-tag might lead to a different activity, which is why, both, N-terminal
and C-terminal His-tagged variants of P29 PDnc were produced by Theresa Dutschei and
incubated with ulvan from seven different sources to cover a broad range of different substrate
ulvans which might reveal a selective activity of P29 PDnc on very distinct ulvan
polysaccharides. Nevertheless, the reducing-end assay revealed no activity of P29 PDnc at
all against polymeric ulvan. In contrast, the known ulvan lyase P30 _PL28, which served as a
positive control, showed a significant activity on all of the seven ulvans. Even for the ulvan from
Helgoland, for which the lowest activity of P30_PL28 was detected, the activity of P29 _PDnc
was lower. The lyase assay and the C-PAGE analysis confirmed these results, as there was
no activity of P29_PDnc on any polymeric ulvan. All ulvan samples with P30_PL28 show a
different kind of degradation pattern, indicating their varying structure. It can be assumed, that
at least one of the ulvan samples should lead to an activity, if P29 _PDnc was able to
decompose polymeric ulvan. Thus, all results indicate that there is no activity of this enzyme
on polymeric ulvan. A possible explanation of the observation of activity in previous studies
could be that partially degraded ulvan was used for the reactions, providing a substrate for
P29 PDnc. The thiobarbituric acid assay and the FACE analysis revealed that both variants
of P29_PDnc are able to convert GlcA/ldoA-Rha3S into A-Rha3S, by elimination of water from
the uronic acid residue. A sufficient prove for this activity was the possibility to reverse the
reaction using a combination of P29_PDnc and P34_GH3 on A-Rha3S. If another reaction
than the predicted one would be catalysed by the dehydratase, no substrate for P34_GH3
would be generated. That this was the case was demonstrated by the formation of monomeric

glucuronic acid and rhamnose-3-sulfate. The mass spectrum showed a rehydration with
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deuterium oxide, but only one deuterium atom seemed to be inserted indicated by the mass.
A complete hydration would require both deuterium atoms to be inserted. Regarding the
general PL mechanism, it is observed that one proton of the substrate sugar is abstracted by
the enzyme residues and is not found in the later leaving group. That might explain the missing
second mass, as the protein was still saturated with common water, instead of deuterium oxide,
so that the enzyme residues provided one proton for the back reaction. Nevertheless, the
enzyme would regenerate the provided proton with deuterium for further catalysis steps so that
it remains unclear, why the mass was increased by one instead of two. However, the true
mechanism was not known, as a polysaccharide dehydratase had never been reported before.
When comparing the two most closely related mechanisms, that of PLs and of monosaccharide
dehydratases there are less similarities of P29 _PDnc with the sugar dehydratases, as they all
dehydrate side chains of monosugars, leading to an elimination of water from a side chain
hydroxy group, forming a desoxy sugar. The monosugar dehydratases convert their substrate
via an oxidation mechanism (Somoza et al., 1999; Allard et al., 2002). P29 PDnc seems to be
cofactor-independent as the reaction worked without addition of any supplements. The
dehydration of P29 PDnc leads to a dehydration of a ring hydroxy group resulting in the
formation of an unsaturated hexenuronic acid residue. It seems to require a C5 carboxy group
like common PLs. Thus, the mechanism follows most probably the general PL mechanism, but
eliminating water instead of a sugar residue. To reveal residues that are presumably involved
in the catalysis, alignment studies were performed. Variants of P29_PDnc were produced with
mutation of single functional amino acid residues to residues with similar structure, but different
chemical properties, to ensure that the mutation, leads to a loss of activity, because the residue
is important for the catalysis and that not a structural change of the active side leads to the
loss of activity. Interestingly, the only functional tyrosine 300 showed still activity, after mutating
it to phenylalanin. Tyrosine is the catalytic residue as well in ulvan lyase as in many
dehydratases (Ulaganathan et al., 2018a; Somoza et al., 1999; Allard et al., 2002), which led
to the assumption that is also the case for the novel ulvan PUL encoded dehydratase. Three
mutations led to a loss of activity: D242N, R294E and K297I. The arginine could be involved
in the stabilization of the C5 carboxy group of the substrate as it was reported to be the case
in some PLs. One of the aspartates most probably serve as the catalytic base abstracting the
ring proton, what initializes the formation of the enolate intermediate like it is the case in the
lyase mechanism. The lysine presumably provides a proton for the leaving group water. On

basis of these results, the following hypothetical mechanism is suggested:
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Figure 51: Putative reaction mechanism of the polysaccharide dehydratase P29 PDnc. The
mechanism shows the reaction for the disaccharide B-D-glucuronic acid 1,4-linked to a-L-rhamnose-3-
sulfate. For simplification only the functional amino acid side chains are shown (red). The C5 proton
(blue) is abstracted by aspartate 242, while arginine 294 stabilizes the oxyanion intermediate. With
support of lysine 297, which protonates the glycosidic oxygen atom, water is eliminated under formation
of the characteristic 4,5-unsaturated hexenuronic acid.

The clarification of the crystal structure is crucial for the verification of this mechanism, as no
enzyme with a sufficient identity is known for the generation of a homology model. The crystal
structure — currently under study at the project partners at the MPI Bremen — would enable

docking experiment for the demonstration of the true mechanism.

4.3 Characterization of xylan-degrading enzymes

4.3.1 Xylan-degrading enzymes from Muricauda sp.

The degradation of marine xylan is presently underexplored. For a complete degradation,
xylanases, xylosidases, arabinases and glucuronidases are required. If the xylan is sulfated,
the presence of sulfatases is necessary as well. The xylan PUL of Muricauda sp. does not
code for sulfatases (Kappelmann et al., 2019). In investigations of the encoded CAZymes on
terrestrial and marine xylan, none of the investigated enzymes had activity, although the strain
could grow on xylan in previous growth experiment performed by Marie-Katherin Zihlke. In
discussions in the POMPU consortium it was suggested that the xylan degrading enzymes are
not exclusively restricted to one PUL structure. In Flavimarina sp. there are two xylan-targeting
PULs. Thus, it would be possible, that more than the genes contained in the Muricauda PUL
are required for the decomposition of xylan. The endo-xylanase, responsible for the
initialization of the degradation, could be located somewhere else in the genome though the
remaining construct M2 needs to be investigated for a possible activity, due to the missing
CBM it is rather unlikely the initiating endolytic xylanase. If there is a second PUL structure in
Muricauda targeting xylan it should have been found by the previous annotations. However, in
reports concerning carrageenan degradation a PUL structure targeting carrageenan is
described that lacks the classic susCD gene pair (Ficko-Blean et al., 2017). This demonstrates,
that apparently not every PUL structure has to contain such a gene pair, but still contains

CAZyme genes important for the enzymatical degradation. Further, a lack of susCD gene pairs
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was described for other PULs. Sometimes the missing genes were located isolated at other
positions in the genome (Kappelmann et al., 2019, Sl). Transferred to Muricauda it would be
possible that a second PUL is present but was not detected in previous studies as they used
susCD genes as a marker for their analyses. Following, a second xylan-targeting PUL or PUL-
like cluster could exist in Muricauda, which is supposed to initialize the degradation and thereby
provide oligosaccharides that are targeted by CAZymes encoded by the xylan PUL
investigated in this work. When comparing the Muricauda PUL with the two Flavimarina PULs
a great difference can be observed in the available GH families within the PUL. There is no
GH10 family protein encoded within the Muricauda PUL. In both Flavimarina PULs an
endo-xylanase from this family initializes the depolymerization of xylan. Both enzymes contain
a carbohydrate-binding module of family 4. The only GH families contained in the Muricauda
PUL are GH2, GH5 and GH43. GH5 and GH43 are reported to contain endo-xylanases,
therefore it would be possible that one or multiple of these enzymes are indeed endo-
xylanases. Especially the GH5 family is closely related to the GH10 while the GH43 exhibit
structural and catalytical differences to GH10 family enzymes. None of the Muricauda PUL
genes are annotated to contain a CBM. Following the theory that the initializing endolytic
enzyme contains a CBM for better substrate recognition and binding, such an enzyme would
not be encoded by a gene from this PUL. This supports the theory that not the whole set of
xylan-degrading enzymes are located in this PUL. Perhaps, Muricauda is more like an
opportunistic organism that feeds, in case of xylan, on smaller degradation products provided

by other bacterial species.
4.3.2 Xylan-degrading enzymes from Flavimarina sp.

Concerning the xylan degradation in Flavimarina sp. there are two putative xylan-targeting
PUL structures reported. This could be the case, because only in synergy the enzymes of both
PULs are able to degrade xylan. Experiments revealed endo-xylanase (with CBM) as well as
exo-xylanase activity for both PULSs, indicating the same role in the initial steps of xylan
degradation. Besides, two further enzymatic activities were detected. In PUL | there is an
enzyme FI3 which is active on polymeric xylan and is presumably an exolytic side-chain
cleaving enzyme that is inactive on arabinose-labled oligosaccharides, but also inactive on
glucuronic-acid labled ones. PUL Il exhibits enzyme FII3, which was demonstrated to cleave
off arabinose from xylotriose and xylobiose. Interestingly, it is neither active on xylan from
beechwood nor its enzymatic degradation products. This indicates that either the used
beechwood xylan does not exhibit arabinose side chain residues or that the investigated
arabinase FII3 recognizes a specific substrate sequence with an arabinose residue at the non-
reducing end, which is not provided by the treatment with xylanases. On the other hand, the
right substrate moiety for FI3 seems to be present in the xylan but not in the standards. The

observed enzymatic activities allow the proposal of the following degradation pathway:
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Figure 52: Model of the metabolic degradation pathway of xylan by Flavimarina sp. The
oligosaccharide on the top represents a section of a larger polysaccharide chain. A 'Me' attached to a
sugar represents a methyl group. The question marks indicate that no biochemical elucidation of the
subpathway was possible, but previous experiments or functions known from literature and annotations
hint at this activity.

FI3

Proteome studies performed by Irena Beidler (Institute of Pharmacy, Greifswald) revealed, that
genes from both PULs are upregulated in a different way, reflected in corresponding protein
abundancies. PUL | genes are generally expressed, but unspecific e.g. in presence of pectin
and xylose. PUL Il on the other hand is upregulated much less, but many proteins were
exclusively detected in the presence of xylan. In contrast to the biochemical characterizations,
these results revealed a different behavior for both PULs. The different upregulations indicate,
that PUL | seems to provide enzymes and transporters in more general situations while the
genes of PUL Il are upregulated only in presence of xylan indicating that this PUL is more like
a kind of backup PUL which is activated if xylan is very abundant in the environment. Its high
substrate specificity, hints at a highly efficient degradation of xylan by this PUL. Interestingly,
both Flavimarina and the Muricauda PULs are noticeable by their lack of sulfatases. The
degradation of marine polysaccharides in general and of xylan in particular requires sulfatases
as these carbohydrates are usually sulfated. The investigated xylan PULs regularly encode
several sulfatase encoding genes. The complete lack of sulfatases is rather uncommon in
marine xylan PULs. This suggests that Muricauda sp. and Flavimarina sp. are not adapted to
sulfated, but instead to unsulfated xylan. Thus, they could degrade xylan from terrestrial plant
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biomass, that found its way into the ocean, what is unlikely for strains sampled from a deep-
sea island, or more likely, they feed on unsulfated marine xylans which might be much more

abundant in microalgae.

4.4 Outlook

The complete elucidation of a complex metabolic enzyme cascade for the degradation of the
green algal polysaccharide ulvan to the monomeric level was successfully established and
furthermore complemented by an alternative degradation pathway. As bioinformatical studies
revealed in several organisms genetic regions resembling PUL H, it would be worthwhile to
demonstrate the possibility to degrade ulvan with the enzyme cascade encoded by these
PULs. Thereby the conservation of specific enzymes could be confirmed biochemically and
differences that might refer to an adaptation to a specific ecological situation like an altered
substrate spectrum could be revealed. The availability of all enzymes involved in the
degradation of ulvan enables their use in biotechnological approaches. In the master thesis of
Theresa Dutschei it was demonstrated how B. licheniformis is able to produce useful chemicals
when using ulvan hydrolysate as carbon source. This is the first step on the establishment of
ulvan and algal biomass as feedstock for the production of fine chemicals and
pharmaceuticals. A bottleneck is the availability of microbial production strains able to feed on
ulvan. To improve the possibility to utilize ulvan as a carbon source, modified strains with the
ability to degrade ulvan are required. An insertion of the PUL H genes into these strains would
be a possible modification to enable these strains to grow on ulvan. However, the procedure
could be challenging, especially the correct expression of susC/D genes to ensure a correct
uptake of the ulvan oligosaccharides might be difficult to establish in a biotechnological strain.
As algal biomass consists of many different polysaccharides and other biological compounds
it would be interesting to engineer a production strain or a set of different strains to degrade all
compounds available in the algal biomass to reduce the waste production in the process.
Therefore, it might be necessary to insert several degradation pathways for various
polysaccharides, lipids and proteins depending on the composition of the substrate algae. As
it might be challenging to introduce so many different gene clusters in one organism, a mixed
culture seems reasonable in which the microbial partners degrade the biomass in synergism
and thereby mimic the complex microbial interplays that occurs in nature to accomplish the

degradation of algal biomass.

To further support the new mechanistic properties of the novel polysaccharide dehydratase
P29 _PDnc, a crystal structure is required to confirm the residues involved in the catalysis
process. As it was demonstrated that the reaction is also reversible by combining P29_PDnc
with P34_GH3, it seems possible to use this enzyme cascade for the industrial production of

the rare and expensive iduronic acid. However, P34_GH3 accepts both epimers glucuronic
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and iduronic acid. It has to be ensured via protein engineering that it only produces the disired
iduronic acid in the catalysis process. Furthermore, an efficient removal of the formed product
is required to shift the equilibrium on the product side, to get a sufficient conversion as usually
the dehydrated state of the disaccharide is highly favored.

It was successfully demonstrated that CAZymes encoded by PUL genes in Flavimarina sp.
degrade xylan. Still, the substrate spectrum for some enzymes stays elusive as they showed
activity on artificial standard substrates, but not on defined xylan-degradation products.
Therefore, the investigation of more marine xylan substrates would provide sugar moieties that
exhibit the right substitutions to show the distinct cleavage behavior of these enzymes. In
comparison with the Flavimarina CAZymes no activity was observed for CAZymes from the
Muricauda sp. PUL. A further comparison between the two organisms would presumably show
interesting synergistic effects of the different enzymatic equipment. Therefore, biocatalysis
reaction of the Muricauda CAZymes on degradation products of the active xylanase from
Flavimarina could reveal new enzyme activities, as they might provide smaller
xylooligosaccharides, on which the Muricauda enzymes could show activity. Furthermore,
these CAZymes should be investigated in reaction to the defined standard substrates to clarifiy,
if there is any activity on small degradation products, what would support the theory that the
Muricauda PUL encodes for CAZymes that participate in advanced steps of the xylan
degradation, but lacks initializing endolytic xylanases which were shown to be present in
Flavimarina. If this would be the case, it has to be varified, whether there are other PUL-like
gene clusters in Muricauda that encode for the missing activities or if this bacterium feeds on
degradation products provided by other microorganisms. As both investigated organisms did
not include sulfatase encoding genes in their PULs, which is rare in marine Bacteroidetes, the
unknown structure of microalgal polysaccharides should be clarified to reveal differences
between the utilization of macro- and microalgal polysaccharide. Further, it is crucial to
investigate sulfatase-containing xylan PULs from other organisms like Formosa sp. to
demonstrate presumable differences between the degradation of sulfated and unsulfated
xylans and to allow possible comparisons with the degradation of ulvan, carrageenan and
further sulfated polysaccharides. This would provide an impression of the overall mechanisms
behind the marine polysaccharide utilization. On the one hand, it would greatly expand the
present knowledge about the ecological and physiological mechanisms behind the carbon
turnover in marine habitats, on the other hand, it would also result in beneficial conclusions for

biotechnological applications.
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5. Conclusion

In contrast to its terrestrial counterpart, the metabolic degradation of marine polysaccharides
is underexplored. This work aimed to functionally characterize ulvan- and xylan-degrading
enzymes from marine Bacteroidetes in order to clarify the metabolic degradation pathway. For
the provision of a broad polysaccharide substrate spectrum, ulvan from several different algal
sources was extracted to be used in further characterization experiments. The structural
differences of these ulvans could be demonstrated by enzymatic degradation with ulvan-active
enzymes. In order to clarify the synergistic catalytic effects of polysaccharide sulfatases with
GHs in the degradation process of ulvan, several putative sulfatases from F. agariphila were
produced recombinantly in E. coli. For that, a coexpression with an FGE encoding gene was
required. It could be demonstrated that several glycoside hydrolases are inhibited, if their
substrate is sulfated at the cleavage position and that a previous desulfation using one of the
sulfatases enabled the further degradation. Some of the sulfatases showed an endolytic or
exolytic cleavage behavior like reported for several GHs. With the combined catalytic activities,
it was possible to successfully elucidate the complex ulvan degradation mechanism for the first
time, which enables the use of ulvan as a biotechnological source for the production of fine
chemicals and pharmaceuticals. This degradation mechanism was shown to be complemented
by an alternative pathway that helps with the degradation of uronic acid-containing
oligosaccharides. Here, the synergistic effects of a multimodular enzyme containing a
sulfatase and rhamnosidase domain were demonstrated. Furthermore, the first dehydratase

participating in the degradation of oligosaccharides was revealed.

The functional characterization of putative xylan-targeting PULs from two Flavobacteriia
revealed the existence of marine endolytic and exolytic xylanases. The enzymes of these PULs
were produced recombinantly in E. coli and were used in biocatalysis reactions on xylan from
beechwood, xylan from P. palmata or commercial xylooligosaccharide standards. Further side
chain-active GHs were found to exclusively be active on either standards or xylan. The great
variation of genetic equipment was demonstrated by comparing the enzyme activities of these
PUL structures assuming different ecological adaptations of these organisms especially,
because these PULs do not code for any putative sulfatases, which is uncommon for PULs
targeting xylan. A different degradation behavior of the investigated enzymes suggested a

preferred conversion of B-1,4-linked xylan, potentially present in some microalgae.

The acquired insight of the metabolic ulvan and xylan utilization greatly expands the scientific
knowledge about the ecologic interplays in marine environments concerning the
polysaccharide utilization. It indicates the necessity of backup mechanisms for metabolic
processes in order to get access to complex marine carbon sources in hature. Several small

degradation cascades complement each other to break down substrate compounds to
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monomeric level for the use of structurally diverse polysaccharides. This expands the insights
into the metabolic processes in the degradation of marine polysaccharides, which are an
important part of the understanding of the ecological interactions in aquatic habitats and the

ocean’s carbon cycle.

The characterization of ulvan- and xylan-active enzymes and the clarification of their substrate
scopes allow to use these enzymes in future production of carbohydrate-derived chemical
products for many industrial applications, making it possible to use algal waste for recycling to

high value materials with even beneficial effect for the environment.
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6. Materials and Methods

6.1 Materials

6.1.1 Programms

Table 2: List of used programs and software.

Programm

Application

Supplier

NCBI: Database

Multiple Primer analyser

Protein molecular weight
calculator
SignalP 5.0 server

LipoP 1.0 server

Geneious 8.0.4

Provision of genomic data

information

Primer design

Calculation of protein mass

Identification of signal
peptides
Identification of signal
peptides
Design of expression

constructs

Evaluation of sequencing

National Center of
Biotechnological information
(Bethesda MD, USA)
Thermo Scientific (Waltham,
USA)

Bioinformatics.org

DTU Bioinformatics

DTU Bioinformatics

Biomatters, Ltd. (Auckland,

New Zealand)

results
6.1.2 Devices
Table 3: List of used devices.
Device Model Supplier
autoclave V-120 Systec (Linden, Germany)
Laboklav SHP-Steriltechnik (Detzel
Schloss/Satuelle, Germany)
camera EOS 1100D Canon (Tokyo, Japan)
cell homogenizer FastPrep24 MP Biomedicals (lllkirch

centrifuges

Biofuge fresco
Labofuge 400R
Multifuge 3 S-R
Pico 17
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compartement dryer

FPLC

freezer/ fridge

gel electrophoresis

hot-air sterilisator
HPLC

HPLC column

incubators

laminar flow cabinet

lyophilizer

MS

magnetic stirrer

microwave oven

Sprout Minizentrifuge

AKTApurifier

Herafreeze
HFU T Series
Premium

NoFrost Premium

Mini-Sub Cell GT
Mini-Protean Tetra Cell

Dry-Line
Chrommaster

SugarSep-H

Friocell

Incucell

Unitron

Inkubator nocturne IH50
Schuttler nocturne K15/500

HeraSafe

Alpha 1-2

solariX FTMS

IKAMAG* safety control
MR 3001K

Easy Clean
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Heathrow Scientific (Vernon
Hills, USA)

Memmert (Schwabach,
Germany)

GE Healthcare
(Buckinghamshire, UK)

Thermo Scientific (Waltham,
USA)

Liebherr (Biberach an der Rif3,
Germany)

BioRad (Feldkirchen,
Germany)

VWR (Darmstadt, Germany)

Hitachi (Tokio, Japan)

Applichrom (Oranienburg,
Germany)

MMM Medcenter-Einrichtungen
GmbH (Grafelfing, Germany)
Infors (Bottmingen,
Switzerland)

Nocturne GmbH (Mdssingen,
Germany))

Thermo Scientific (Waltham,
USA)

Christ (Osterode am Harz,
Germany)
Bruker (Billerica, USA)

IKA* Labortechnik (Staufen,

Germany)

LG (Seoul, South Korea)
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PCR thermocycler

pH meter

power supply

pressure cooker

scales

spectrophotometer

thermoshaker

UV transilluminator

ultrasonicator

vortex mixer

water bath

water purification system

Thermocycler

T-Personal

pH 211 Microprocessor

pH-Meter

EPS 301

Perfect

Explorer

Scout Pro

NanoDrop ND-1000
UVminil240

V-550
TecanPlateReader
Fluostar Omega

Fluostar Optima

Thermomixer comfort

UVstar Biometra

Sonopuls HD 2070

Vortex-Genie 2

W1 water bath

Milli-Q Reference
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Techne Progene (Cambridge,
UK)
Biometra (Gottingen, Germany)

Hanna Instruments (Kehl am

Rhein, Germany)

IKA* Labortechnik (Staufen,
Germany)

Amersham Pharmacia Biotech
(Uppsala, Sweden)

WMF (Geislingen, Germany)

Ohaus (NJ, USA)

PegLab (Erlangen, Germany)
Shimadzu (Duisburg,
Germany)

BMG Labtech (Ortenberg,
Germany)

Jasco (Pfungstadt, Germany)
Tecan (Mannedorf,
Switzerland)

Eppendorf (Wessling-Berzdorf,
Germany)

Analytik Jena (Jena, Germany)

BANDELIN electronic GmbH &
Co. KG (Berlin, Germany)

Scientific Industries (Bohemia,
USA)

Labortechnik Medingen
(Bohemia, USA)

Merck Millipore (Billerica, USA)
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6.1.3 Chemicals and consumables

If not stated differently chemicals and consumables were ordered from Fluka (Bruchs,
Switzerland), Sigma Aldrich (Steinheim, Germany), Carl Roth (Karlsruhe, Germany) or Merck
(Darmstadt, Germany). Xylooligosaccharide standards were ordered from Megazyme
(Wicklow, Ireland).

Table 4: List of used consumables.

Material Supplier
1 kbp DNA standard Carl Roth (Karlsruhe, Germany)
dNTP mix EURX (Gdansk, Poland)

innuPREP Plasmid Mini Kit
Pierce™ BCA Protein Assay Kit

Analytik Jena (Jena, Germany)
Thermo Fisher Scientific (Waltham, USA)
Roti®garose-His/Ni Beads Carl Roth (Karlsruhe, Germany)

Pierce™ unstained protein MW marker Thermo Fisher Scientific (Waltham, USA)

6.1.4 Enzymes
Dpn | was ordered from New England Biolabs (Beverly, USA). The DNA polymerases were

ordered from EurX (Roboklon (Berlin, Germany)).

6.1.5 Plasmids
The vector pET28a(+) was ordered from Novagen (Darmstadt, Germany), pBAD/myc-his A
from Addgene (Teddington, UK).

6.1.6 Strains

Table 5: List of used strains.

Strain

Genotype

Supplier

Escherichia coli TOP10

Escherichia coli BL21(DE3)

Formosa agariphila KMM
39017

F’laclq, Tn10(TetR) mcrA
A(mrr-hsdRMS mcrBC)
®80lacZAM15 AlacX74 recA1
araD139 A(ara leu) 7697galU
galK rpsL (StrR) endAl nupG

fhuA2 [lon] ompT gal (A DE3)
[dcm] AhsdS

collection number DSM15362
at DSMZ, Braunschweig,
Germany
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Muricauda sp. Mar_2010_75 Gene bank accession number  Department of Pharmaceutical

Flavimarina sp. Hel_1 48

JQNJO0000000

JX854131

6.1.7 Oligonucleotides

Table 6: List of used oligonucleotides.

Gene bank accession number

Biotechnology, University of
Greifswald

Department of Pharmaceutical
Biotechnology, University of

Greifswald

Primer Forward (5‘°>3°) Reverse (52> 39)

Cloning

pBAD-FGE AACAGGAGGAATTAACCAT TGGTCGACGGCGCTATTTTATTT
GATGTCTTTAAAAGAAAACT TACTAATCTAATTCCTGAAAATT
ACATAACTACG G

pET28-#11 AGCGGCCTGGTGCCGCGC GTGGTGGTGGTGGTGCTCGAG
GGCAGCCATATGAAAGAAA TGCGGCCGCTTATTTTGTATTTT
AACAACAAAAAACAAC GAGTTAAAAAATC

pET28-#12 AGCGGCCTGGTGCCGCGC GTGGTGGTGGTGGTGCTCGAG
GGCAGCCATATGTCCGGAG TGCGGCCGCTTACCAATGTTCA
ATAAAAAAACACAAG ATTACGATATAATC

pET28-#13 AGCGGCCTGGTGCCGCGC GTGGTGGTGGTGGTGCTCGAG
GGCAGCCATATGCAGACCA TGCGGCCGCTTATTTTATATATT
AAAAAGACGCTAAC TTTTCACGGCATC

pET28-#14 AGCGGCCTGGTGCCGCGC GTGGTGGTGGTGGTGCTCGAG
GGCAGCCATATGGATGAAA TGCGGCCGCTCACCGTTCTGCG
AGAAGCAAGTCCAGAAG CCAATAAC

pET28-M2 CTGGTGCCGCGCGGCAGC CTCAGTGGTGGTGGTGGTGGT
CATATGGCTAGCCAAGGGA GCTCGAGTCAACGCGTTTTTAT
AAGAAAACCATAACCC GGAATG

pET28-M5 CTGGTGCCGCGCGGCAGC CTCAGTGGTGGTGGTGGTGGT
CATATGGCTAGCTGTCAGG GCTCGAGCTATTCGGAGGGAAT
AGCGGACAGAAAAA TTCAATGACATC

pET28-FI1A CTGCTTCACATAACAGCTTC TTAATCCCATTGTGGCCGTATTC
TGATGGC CcC

pET28-FI1C ATGCTTGGGCAAGAAATAG TTAATCCCATTGTGGCCGTATTC
AACTGCTACC CcC

pET28-FI2 TGCAAAAACGAGACAAAAA  TTATTCGTTGATGTCGGTTACTT
CCAC TATAG

pET28-Fl4 TGTGAAGACGATATTATGGA CTAATCTTCAAGCTCTCCAGTGA
GTGGCAGG AATCCTC

pET28-FI5 TGTTCCAACGATGATGATGC TTATTCAGGAAAATCGGTAACG
TG GTAGG

pET28-FI7 TGCAAAAATAACACAGATAA TTATGGATTTTCTACCTTGGCAT
AGATTCCG CAATAG
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pET28-FI8BA
pET28-FI8B
pET28-FI9
pET28 vector

QuikChange PCR
P29 PDnc_D242N

P29_PDnc_E248Q
P29_PDnc_E249Q
P29_PDnc_D263N
P29_PDnc_D284N
P29_PDnc_D288N
P29_PDnc_R294E
P29_PDnc_K297

P29_PDnc_Y300F

Sequencing
T7_pET-Mod

T7 term

ATGGTTTTGCAACGGGATAC
TCCC

CAGATCAAACTGCCAAAATT
AGTTTCTGACG
CAGGTAGTGACCAGCGGGG
CAG
CACCACCACCACCACCACT
GAGATCC

GGT TTA CAT GGT GTA AAT
TTA GGG TAT AAT G

GGG TAT AAT GTA CAA GAA
ACC CTT AAT AG

GGG TAT AAT GTA GAA CAA
ACC CTT AAT AG

G CTT AAA AAT GAT AAC
CAAGCCTTATTAC
GAATTT ATG TTG CCC AAT
GGT GGA TG

GGT GGA TGG AAT AAT
AGC TGG GGT AAC

GC TGG GGT AAC GAA ATG
TAT AAATGG

GT AAC CGA ATG TAT ATA
TGG ACCTAT TG

G TAT AAATGG ACCTTT
TGG GGC AGC

CCCGCGAAATTAATACGAC
TCA

6.1.8 Media and additives

ATGGTTTTGCAACGGGATACTC
CcC

ATGGTTTTGCAACGGGATACTC
CC

CTAATTCAGTTGAACCGTTCCTC
CTCTTGATG

CATATGGCTGCCGCGCG

C ATT ATACCC TAAATT TAC
ACC ATG TAA ACC

CT ATT AAGGGTTTC TTG TAC
ATT ATACCC
CTATT AAG GGT TTG TTC TAC
ATT ATACCC

G TAATAAGGC TTG GTT ATC
ATTTTT AAG C

CATCC ACC ATT GGG CAA CAT
AAATTC

GTT ACC CCA GCT ATT ATT
CCATCCACC

CCATTT ATACAT TTC GTT ACC
CCAGC

CA ATA GGT CCA TAT ATA CAT
TCG GTT AC

GCT GCC CCA AAA GGT CCA
TTT ATAC

CTAGTTATTGCT CAGCGG T

LB and TB medium were ordered from Roth (Karlsruhe, Germany) and were used in a

concentration adviced by the manufacturer.

CuCl;

Antibiotics

Kanamycin

Ampicillin

stock solution

final concentration

stock solution
final concentration
stock solution

final concentration
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1mM
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50 mg/mL
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100 pg/mL
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Inductors

IPTG stock solution Y
final concentration 0.5 mM
L-arabinose stock solution 1M
final concentration 1.5 mM
6.1.9 Buffers and solutions

Isolation of genomic DNA

Lysis buffer (pH 7.8) 40 mM Tris acetate
20 mM sodium acetate
1 mM EDTA
1% SDS
Agarose gel electrophoresis
1% agarose gel 1 g agarose per 100 Ml of TAE buffer, cooked in

the microwave oven

1.5 mL RotiSafe were added to 30 mL gel solution to stain the DNA for UV transillumination.

50x TAE buffer (pH 8.5) 242 g Tris
57.1 mL glacial acetic acid
18.6 g EDTA
fill up to 1 | with a. dest.

SDS polyacrylamide gel electrophoresis

Lower Tris buffer (pH 8.8) 18.2 g Tris
0.1 g SDS
fill up to 100 mL with a. dest.

Upper Tris buffer (pH 6.8) 6 g Tris
0.1g SDS

fill up to 100 mL with a. dest.
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Sample buffer 3.55 mL a. dest.
1.25 mL 0.5 M Tris-HCI pH 8.0
2.5 mL glycerol
2 mL 10% (w/v) SDS
0.2 mL 0.5% (w/v) bromophenol blue

0.5 mL B-mercaptoethanol
10x running buffer 30.3 g Tris

144 g glycine
10 g SDS

fill up to 1 | with a. dest.

APS solution 10% (w/v) ammonium persulfate

Staining solution 10 g a-cyclodextrin
850 mL a. dest.
50 mL 85% (w/v) phosphoric acid

100 mL Roti®Nanoquant solution

C-PAGE and FACE

Tris-HCI buffer (pH 8.8) 24 g Tris (2 M)
fill up to 100 mL with a. dest.

Tris-HCI buffer (pH 6.8) 6 g Tris (1 M)
fill up to 100 mL with a. dest.

FACE loading dye 310 pl 1 M Tris-HCI (pH 6.8)
70 pl 1% (w/v) bromophenol blue
500 ul glycerol
4.12 mL a. dest.

10x running buffer 30 g Tris
150 g glycine
fillup to 1 L with a. dest.
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Stains-all solution 25 mL 25% (v/v) isopropanol
3 mL 30 mM Tris (pH 7.5)
0.025% (w/v) stains-all
fill up to 100 mL with a. dest.

Preparation of chemically competent cells

TfBI buffer (pH 5.8) 100 mM RbCI
50 mM MnCl, * 4 H,O
30 mM KOAc
10 mM CaClz * 6 H20
15% (w/v) glycerol
TfBII buffer (pH 7.0) 10 mM RbCI
75 mM CacCl; * 6 H.0O
10 mM MOPS
15% (wi/v) glycerol

Protein purification

Washing buffer (pH 7.5) 50 mM Tris-HCI
300 mM NacCl
10 mM imidazole
Elution buffer (pH 7.5) 50 mM Tris-HCI
300 mM NacCl
300 mM imidazole
Storage buffer (pH 7.5) 50 mM Tris-HCI
10 mM NaCl

6.2 Methods
6.2.1 Microbiological methods
Strain maintenance

The recombinant E. coli strains were stored on agar plates at 4 °C. For longer storage, a
glycerol stock was prepared by adding parts of an overnight culture from a single colony to

60% (w/v) sterile glycerol. Stocks were stored at -80 °C.
Preparation of overnight cultures

5 ul of an appropriate antibiotic was added to 5 mL of sterile LB medium in a sterile test tube
and inoculated with cells from a single colony on an agar plate or a glycerol stock. The

overnight culture was incubated at 37 °C and 200 rpm over night.
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Preparation of chemically competent E. coli cells

An overnight culture of competent E. coli cells was used to inoculate 100 mL of LB medium.
After an incubation at 37 °C and 180 rpm until an ODeoonm Of 0.4-0.6 was reached the cells
were centrifuged for 10 min at 4 °C and 4000 x g. The cell pellet was resuspended in 30 mL of
precooled TfB1 buffer and 3.2 mL MgCl; (1M) and was incubated for 15 min on ice. After
centrifugation for 10 min at 4 °C and 4000 x g the supernatant was discarded and the cells
were resuspended in 4 mL of precooled TfB2 buffer followed by another incubation of 15 min
on ice. The cell suspension than was aliquoted in 50 ul in tubes, flash frozen in liquid nitrogen
and stored at -80 °C.

Heat-shock transformation of chemically competent E. coli cells

0.8 pl of plasmid DNA or 7 pl of PCR product was added to 50 ul of chemically competent E.
coli cells. After 30 min of incubation on ice the heat-shock followed at 42 °C for 42 s in a
waterbath. After a short incubation time on ice, 300 pl of LB medium were added and the cells
were incubated for 1 h at 37 °C and 200 rpm, after which 80 ul of the cell suspension (300 pl
if PCR product was transformed) were plated on an agar selection plate with an appropriate

antibiotic. The plate was then incubated over night at 37 °C.
Cultivation of recombinant E. coli strains and enzyme production

For the overexpression of the pET28-based plasmids, 50 mL LB or TB medium with 100 pg/mL
kanamycin were inoculated from an overnight culture in LB containing 50 pg/mL kanamycin.
The culture was grown at 37 °C and 180 rpm until the ODeoonm reached 0.8. The expression
was then induced by adding 0.5 or 1 mM isopropyl B-D-1-thiogalactopyranoside (IPTG) and
the culture was cooled to 20 °C, or to 16 °C in case of the P29-variants, for 24 h. For the
expression of sulfatases, the formylglycine-generating enzyme (FGE) from F. agariphila was
co-expressed. LB medium with 100 pg/mL ampicillin and 50 pg/mL kanamycin was inoculated
from an overnight culture in the same medium and incubated at 37 °C and 180 rpm until the
ODsoonm reached 0.3 to 0.5. After the addition of 1.5 mM L-arabinose and incubation for 90 min
at 37 °C, the culture was cooled to 18 °C for 2 h before 0.5 mM IPTG was added and the

culture was incubated overnight at 18 °C.

6.2.2 Molecularbiological methods
Isolation of genomic DNA from gram-negative bacteria

The isolation of genomic DNA was performed after the protocol from Chen and Kuo (Chen and
Kuo, 1993). A pellet of the target cells was resuspended in 200 ul lysis buffer after which 66 pl
of a 5 M sodium chloride solution was added. After centrifugation at 12,000 rpm and 4 °C for

10 min. The supernatant was transfered into a clean reaction tube and an equal volume of
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chloroform was added. After centrifugation at 12,000 rpm for 3 min the aqueous phase was
transfered again to a clean tube. The DNA then was precipitated with ethanol in a final
concentration of 70% (v/v) and washed twice with 70% ethanol, after which it was centrifuged
for 3 min at 12 000 rpm. The supernatant was evaporated and the pellet dried under the hood.
The DNA then was resuspended in 50 pl of the elution buffer from innuPrep Plasmid Mini Kit
from analytik Jena.

Plasmid isolation

For the isolation of plasmid DNA the innuPrep Plasmid Mini Kit from analytik Jena was used.
An overnight culture was, centrifuged for 10 min at 4000 x g. The isolation followed the

supplier’s instructions.
Gene cloning

Expression constructs were prepared using the FastCloning strategy (Li et al., 2011) with
genomic DNA from F. agariphila KMM 3901"7 (collection number DSM15362 at DSMZ,
Braunschweig, Germany), Muricauda sp. MAR_2010_75 (Gene bank accession number
JQNJO0000000) or Flavimarina sp. Hell_48 (Gene bank accession number JX854131) as
template for the amplification of the inserts. Generally, the pET28 constructs were prepared as
described previously (Reisky et al., 2018b) with the gene primers shown in Table 6. To clone
the gene for the formylglycine-generating enzyme (FGE) from F. agariphila, the vector
backbone was amplified with the primers 5’-AATA GCGC CGTC GACC ATCA TCAT CATC
ATCAT-3 and 5-CATG GTTA ATTC CTCC TGTT AGCC CAAA AA-3’ from pBAD/myc-his A
(Addgene, Teddington, UK).

The gene of the sulfatases P18 S1 7, P19 S1 27, P32 _S1 8 and P36_S1 25 were ordered
codon-optimized for E. coli and sub-cloned into pET28 with Nhel and Xhol from Genscript. The
genes for Muricauda sp. (M1, M3, M4, M6, M7) were ordered codon-optimized for E. coli and
sub-cloned into pET28 with Ndel and Notl from Genscript. The genes for Flavimarina sp. PUL
| (FI3, FI6) and PUL Il were ordered codon-optimized for E. coli and sub-cloned into pET28
with Ndel and Notl from BioCat.

The gene of the glycoside hydrolase P36_GH78 was a kind gift from Gurvan Michel (Station
Biologique de Roscoff).
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Site-directed mutagenesis

For the production of variants of P29_PDnc the following QuikChange® PCR program with the

following components was used.

Table 7: Composition of reaction mixture for QuikChange® PCR.

Component Amount
10x Pfu-buffer 5uL
plasmid DNA (~100 ng/uL) 1uL
sterile A. dest. 39.3 uL
DMSO 0.7 L
dNTPs (100 mM) 1L
fw primer (10 pM) 2 pL
rv primer (10 pM) 2 UL
Pfu® DNA polymerase 1L
total 52 uL

Table 8: Used PCR program for QuikChange® PCR.

Temperature Duration Step Cycles
95 °C 5 min denaturation
95 °C 45 s denaturation
66 °C 45s annealing 20
72 °C 7:30 min elongation
72 °C 10 min final elongation

Agarose gel electrophoresis

PCR fragments were separated by agarose gel electrophoresis using an agarose
concentration of 1%. For that, agarose was dissolved in TAE buffer by boiling in a microwave
oven. For the visualization of the DNA 1.5 pL RotiSafe dye was added to 30 mL gel solution.

The RotiSafe was ordered from Carl Roth.
Protein purification

The cell pellets of a 50 mL culture were thawed on ice and resuspended in 10 mL of ice-cold
Tris-HCI buffer (50 mM, pH 7.4 + 300 mM NaCl + 10 mM imidazole) (wash buffer). The cells
were lysed by ultrasonication on ice (2 x 3 min, 50% power, 50% cycle time) and the cell debris

was removed by centrifugation (15 min at 10,000 x g). Rotigarose-His/Ni beads (Carl Roth,
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Karlsruhe, Germany) incubated with the clearified lysate were used in gravity flow columns.
After washing, the protein was eluted with Tris-HCl-buffer (50 mM, pH 7.4 + 100 mM NaCl +
300 mM imidazole). Fractions containing the protein of interest were pooled and desalted using
PD-10 columns (GE Healthcare, Freiburg, Germany) equilibrated with 50 mM Tris-HCI (pH 7.4
+ 10 mM NaCl). Alternatively, buffers with pH 8.0 were used. The desalted enzymes where
filled in tubes flash frozen in liquid nitrogen and stored at -20 °C.

6.2.3 Biochemical methods
SDS-PAGE

Samples from the cultivations equivalent to a volume of 7/ODegonm In ML were taken before
harvest and the cells were collected by centrifugation (13,000 x g, 4 °C, 2 min). Pellets were
resuspended in 500 pL 50 mM HEPES with 100 mM NacCl (pH 7.4). After lysis with FastPrep
cell disruptor (MP Biomedicals, Eschwege, Germany), whole cell protein samples were
obtained prior to removal of the cell debris by centrifugation (13,000 x g, 4 °C, 10 min). Samples
of the soluble protein fraction were taken from the respective supernatant. For the SDS-PAGE,
12.5% acrylamide gels were used containing 1% (v/v) 2,2,2-trichloroethanol for the
visualization of proteins under UV light (Ladner et al., 2004). Electrophoresis was carried out
at 200 V and gels were placed on a UV transilluminator for 2 min to develop the fluorescence
after which pictures were taken. Alternatively, proteins were stained with staining solution on

basis of Roti®Nanoquant.
Purification of ulvan

Ulva sp. was collected near Roscoff (France), Lubmin (Germany) or Helgoland (Germany) and
dried. Alternatively, dried Ulva biomass from the Atlantic coast in Spain was purchased as
organic sea lettuce (Kulau, Berlin, Germany). Ulvan was extracted according to the literature
(Robic et al., 2008). The dialysis step was exchanged by a purification with centrifuge
concentrators and precipitation with acetone (80% (v/v) final concentration). After washing,

acetone-precipitated ulvan was dissolved in deionized water and freeze-dried.
Biocatalysis reactions

Generally, reactions were performed in 35 mM Tris-buffer (pH 8.0 + 50 mM NaCl). The ulvan
degradation products and the conversion of purified oligomers were analysed by FACE.
Untreated ulvan was generally used at a concentration of 1 g/L while purified oligomers were
used at 0.25 g/L. The amount of enzyme solution varied depending on the experiment.

Incubation was performed overnight at room temperature.

90



Materials and Methods

Purification of oligomers

Ulvan was digested with purified enzymes in 35 mM Tris-HCI buffer (pH 8.0 + 50 mM NacCl) at
room temperature. Oligomers were separated on two XK 26/100 (GE Healthcare, Freiburg,
Germany) in row filled with Bio-Gel P-2 (Rio-Rad, Munich, Germany) using 50 mM (NH4)2COs3
as mobile phase at a flow rate of 1 mL/min. After lyophilization of the fractions containing the
products, oligomers were dissolved in D.O and lyophilized two times before the structure

determination via NMR and MS occured in Vienna (Reisky et al., 2019).
Fluorophore-assisted carbohydrate electrophoresis

Fluorophore-assisted carbohydrate electrophoresis (FACE) was performed with
2-aminoacridone (AMAC) as fluorophore according to Calabro (Calabro et al., 2000) with
adaptations from Craig Robb. 10 pl of biocatalysis reaction or 20 pl of sampled SEC products
were lyophilized and dissolved in 5 yl AMAC (0.05 M in DMSO with 15% acetic acid) solution
and 5 ul NaCNBH; (1 M in DMSO) solution. In case of xylan experiment AMAC was replaced
by ANTS (0.2 M in water). After incubation at 37 °C over night in the dark, the samples were
mixed with 25 pl loading buffer and loaded to a FACE-Gel.

Carbohydrate polyacrylamide gel electrophoresis

For carbohydrate polyacrylamide gel electrophoresis (C-PAGE), samples were mixed with an
equal volume of FACE loading buffer. Gels and running conditions were identical to FACE.
Carbohydrates were visualized by staining with Stains-All solution (0.25 g/L in 1.7 mM Tris-
HCIl pH 7.5 + 25% (v/v) isopropanol). The gels were destained with 35% (v/v) isopropanol in

deionized water.

Enzyme assays

For ulvan lyase detection, the purified enzymes were added to an ulvan solution of 1 g/L in
Tris-buffer (35 mM, pH 8.0, 50 mM NaCl) and the increase of absorbance at 235 nm was
measured over time (Nyvall Collén et al., 2014). A sample of the breakdown products was
analysed with MBTH-assay (Horn and Eijsink, 2004) adapted for reduced volumina and C-
PAGE. For the detection of 5-dehydro-4-deoxy-D-glucuronate, the thiobarbituric acid assay
(Itoh, 2006d) adapted for reduced volumina was used. 37.5 L of the reaction was mixed with
an equal volume of 2% (w/v) sodium acetate in 0.5 N HCI, followed by the addition of 150 pL
0.3% (w/v) thiobarbituric acid in dH-O.
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6.2.4 Analytical methods
HPLC-analysis

HPLC-analysis for the determination of xylan oligosaccharide standards was performed by on
a Chrommaster HPLC system from Hitachi (equipped with a Hitachi Chrommaster 5310
column oven) and a detector (Hitachi Chrommaster 5450 RI detector). Analyses were
performed with a mobile phase consisted of H.O with 0.005 M H>SO4 on a styrene/polyvinyl
benzene copolymer column (SugarSep-H 10 um 300 x 8 mm) at 70 °C for 20 min. Flow rate
was 0.5 mL/min.
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Figure 53: Analysis of lyase activity of P29 _PDnc on commercial ulvan from Enteromorpha. (left)
C-PAGE analysis and (right) lyase assay. Polymeric ulvan from seven different sources was
incubated with both P29 _PDnc variants with N-terminal or C-terminal His-tag and P30_PL28 as positive
control or without enzymes as negative control. The ulvans were two commercially available ulvans from
Elicityl extracted from Enteromorpha sp. (Figure 53) or Ulva sp. (Figure 54), and five self-isolated ulvans
from “kulau sea lettuce” containing Ulva spp. from Spain (Figure 56), and from self-collected Ulva sp.
from Lubmin (Baltic Sea) (Figure 55), France (Atlantic Ocean) (Figure 57; Chapter 3.2.5, Figure 25) and
Helgoland (North Sea) (Figure 58).
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Figure 54: Analysis of lyase activity of P29_PDnc on commercial ulvan from Ulva. (a) C-PAGE
analysis and (b) lyase assay. Polymeric ulvan from seven different sources was incubated with both
P29_PDnc variants with N-terminal or C-terminal His-tag and P30_PL28 as positive control or without
enzymes as negative control. The ulvans were two commercially available ulvans from Elicityl extracted
from Enteromorpha sp. (Figure 53) or Ulva sp. (Figure 54), and five self-isolated ulvans from “kulau sea
lettuce” containing Ulva spp. from Spain (Figure 56), and from self-collected Ulva sp. from Lubmin (Baltic
Sea) (Figure 55), France (Atlantic Ocean) (Figure 57; Chapter 3.2.5, Figure 25) and Helgoland (North
Sea) (Figure 58).
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Figure 55: Analysis of lyase activity of P29_PDnc on self-isolated ulvan from Lubmin. (a) C-PAGE
analysis and (b) lyase assay. Polymeric ulvan from seven different sources was incubated with both
P29 PDnc variants with N-terminal or C-terminal His-tag and P30_PL28 as positive control or without
enzymes as negative control. The ulvans were two commercially available ulvans from Elicityl extracted
from Enteromorpha sp. (Figure 53) or Ulva sp. (Figure 54), and five self-isolated ulvans from “kulau sea
lettuce” containing Ulva spp. from Spain (Figure 56), and from self-collected Ulva sp. from Lubmin (Baltic
Sea) (Figure 55), France (Atlantic Ocean) (Figure 57; Chapter 3.2.5, Figure 25) and Helgoland (North
Sea) (Figure 58).
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Figure 56: Analysis of lyase activity of P29 _PDnc on self-isolated ulvan from Spain. (a) C-PAGE
analysis and (b) lyase assay. Polymeric ulvan from seven different sources was incubated with both
P29_PDnc variants with N-terminal or C-terminal His-tag and P30_PL28 as positive control or without
enzymes as negative control. The ulvans were two commercially available ulvans from Elicityl extracted
from Enteromorpha sp. (Figure 53) or Ulva sp. (Figure 54), and five self-isolated ulvans from “kulau sea
lettuce” containing Ulva spp. from Spain (Figure 56), and from self-collected Ulva sp. from Lubmin (Baltic
Sea) (Figure 55), France (Atlantic Ocean) (Figure 57; Chapter 3.2.5, Figure 25) and Helgoland (North
Sea) (Figure 58).

111



Appendix

S
o & o3
a § TP b
&8
& {F < 14
-
] £
™ { u":) 10
o«
o
w© 08 —=—P30_PL28
@
— go_s —o— P29 _PDnc_N-term
£ —+—P29 PDnc_C-term
- S04 4
g ——no enzyme
02
0.0
France 0 1 2 3 4 5
time in min

Figure 57: Analysis of lyase activity of P29_PDnc on self-isolated ulvan from France. (a) C-PAGE
analysis and (b) lyase assay. Polymeric ulvan from seven different sources was incubated with both
P29 PDnc variants with N-terminal or C-terminal His-tag and P30_PL28 as positive control or without
enzymes as negative control. The ulvans were two commercially available ulvans from Elicityl extracted
from Enteromorpha sp. (Figure 53) or Ulva sp. (Figure 54), and five self-isolated ulvans from “kulau sea
lettuce” containing Ulva spp. from Spain (Figure 56), and from self-collected Ulva sp. from Lubmin (Baltic
Sea) (Figure 55), France (Atlantic Ocean) (Figure 57; Chapter 3.2.5, Figure 25) and Helgoland (North
Sea) (Figure 58).
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Figure 58: Analysis of lyase activity of P29_PDnc on self-isolated ulvan from Helgoland. (a) C-
PAGE analysis and (b) lyase assay. Polymeric ulvan from seven different sources was incubated with
both P29 _PDnc variants with N-terminal or C-terminal His-tag and P30_PL28 as positive control or
without enzymes as negative control. The ulvans were two commercially available ulvans from Elicityl
extracted from Enteromorpha sp. (Figure 53) or Ulva sp. (Figure 54), and five self-isolated ulvans from
“kulau sea lettuce” containing Ulva spp. from Spain (Figure 56), and from self-collected Ulva sp. from
Lubmin (Baltic Sea) (Figure 55), France (Atlantic Ocean) (Figure 57; Chapter 3.2.5, Figure 25) and
Helgoland (North Sea) (Figure 58).
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Table 9: Investigated proteins with corresponding locus tag and functional annotation after
Reisky (Reisky et al., 2019) and Kappelmann (Kappelmann et al., 2019). Genes with locus tag
BN863 originate from Formosa agariphila those with locus tag FG28DRAFT from Muridcauda sp.
and those with locuus tag P164DRAFT from Flavimarina sp.

Protein Locus tag Functional annotation

P10_PL40 BN863_21990 Ulvan lyase (PLnc)

P11 S1 7 BN863_22000 Iduronat-2-sulfatase (S1_7)

P12_S1 8 BN863_22010 Arylsulfatase (S1_8)

P13_S1 16 BN863_22020 Arylsulfatase (S1_16)

P14_S1 7 BN863_22030 Arylsulfatase (S1_7)

P17 _GH2 BN863_22060 Beta-galactosidase (GH2)

P18_S1 7 BN863_22070 Arylsulfatase (S1_7)

P19 S1 27 BN863_22080 Sulfatase (S1_27)

P20_GH78 BN863_22090 Alpha-L-rhamnosidase (GH78)

P24 GH3 BN863 22130 Beta-glucosidase (GH3)

P27_GH43 BN863 22160 Beta-xylosidase (GH43)

P29 PDnc BN863_ 22180 Conserved hypothetical protein
P30_PL28 BN863 22190 Ulvan lyase (PL28)

P31_GH39 BN863_22200 Glycoside hydrolase (GH39)
P32_S1 8 BN863 22210 Arylsulfatase (S1_8)

P33 _GH105 BN863_ 22220 Glycoside hydrolase (GH105)

P34 _GH3 BN863_ 22230 Beta-glucosidase (GH3)

P36_S1 25/GH78 | BN863_ 22250 Alpha-L-rhamnosidase/ sulfatase (GH78/S1_25)
M1 _GH2 FG28DRAFT_2756 | Glycoside hydrolase (GH2)
M2_GH43 FG28DRAFT_2757 | Glycoside hydrolase (GH43)

M3_nc FG28DRAFT_2758 | Uncharacterized protein conserved in bacteria
M4 _GH43 FG28DRAFT_2763 | Hypothetical protein

M5_GH43 FG28DRAFT_2764 | Beta-xylosidase (GH43)

M6_GH43 FG28DRAFT_2765 | Beta-xylosidase (GH43)

M7_GH5 FG28DRAFT_2766 | Glycoside hydrolase (GH5)
FI1_GH67 P164DRAFT_0477 | Alpha-glucuronidase (GH67)
FI2_GH10 P164DRAFT_0478 | Beta-1,4-xylanase (GH10)
FI3_GH67 P164DRAFT_0479 | Glycoside hydrolase (GH67/GH115)
Fl4_GH10 P164DRAFT_0480 | Glycoside hydrolase (GH10/CBM4/CBM22)
FI5_nc P164DRAFT_0481 | IPT/TIG domain

FI6_CE15 P164DRAFT 0484 | Por secretion system/ Esterase (CE15/CBM9)
FI7_GH43 P164DRAFT_0488 | Glycoside hydrolase (GH43)
FI8_GH2 P164DRAFT_0489 | Glycoside hydrolase (GH2)

FI9_nc P164DRAFT_0491 | Por secretion system

Fll1_GH43 P164DRAFT_0830 | Beta-xylosidase (GH43)

Fll2_GH97 P164DRAFT_0831 | Glycoside hydrolase (GH97)
FII3_GH43 P164DRAFT_0832 | Beta-xylosidase (GH43)

Fll4_CE1l P164DRAFT_0834 | Enterochelin esterase (CE6/CE1)
FII5_GHS8 P164DRAFT_0835 | Glycoside hydrolase (GH8)
Fll6_GH95 P164DRAFT_0836 | Glycoside hydrolase (GH65/GH95)
FlI7_GH10 P164DRAFT_0838 | Beta-1,4-xylanase (GH10)
FII8_GH10 P164DRAFT_0839 | Glycoside hydrolase (GH10/CBM4)
FII9_nc P164DRAFT_0840 | Domain of unknown function
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Figure 60: Genomic overview of putative ulvan PULs containing the genes coding for the
alternative degradation pathway with special focus on the novel dehydratase. Figure was

produced by Daniel Bartosik.
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